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Summary
Over the past decade, mechanical forces have been identified to take
part in many important biological processes ranging from embryo develop-
ment to tissue maintenance and cancer. A novel class of proteins, termed
mechanosensing proteins, is found to be able to convert mechanical forces
into biochemical signals that direct cellular responses. These proteins are
particularly enriched at cell adhesion sites where cells’ cytoskeleton con-
nects with their micro-environment and mechanical forces are transmitted
and sensed making cell adhesion sites signaling hubs for detecting mechani-
cal cues. Established mechanosensing mechanisms of these proteins include
force dependent channel opening, phosporylation and catch bond forma-
tion.
Talin and α-catenin, two mechanosensing proteins located at focal ad-
hesions and adherens junctions respectively, are critical for the force depen-
dent initialization and growth cell adhesions.It has been suggested by cell
and structural studies that mechanical force applied to the two proteins
will increase their binding affinity to vinculin, a protein that promotes
cytoskeleton linkage leading to growth and maturation of cell adhesions.
Unlike many mechanosensors, accumulating data suggests that talin and
α-catenin respond to applied force by expose their cryptic vinculin binding
sites. However, molecular level mechanisms of this process have not been
quantitatively understood with direct experimental evidence.
In this thesis work, I used state-of-art magnetic-tweezers technology to
study the mechanosensing mechanism of talin and α-catenin. The hypoth-
esis is that the two proteins change their conformations upon application
of force and modulate their binding affinity to vinculin. In Chapter 1, I
review the biological background on mechanosensing, focusing on the role
talin and α-catenin plays during initiation of cell adhesions. In Chapter 2,
I describe the methods used for my thesis, introducing magnetic tweezers
and theoretic background of force induced protein unfolding. In chapter 3
I study the mechanical stability of the rod domains of talin and central do-
main of α-catenin using both wild type and mutant constructs. Both talin
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rod domain and α-catenin central domain undergo well-defined conforma-
tion changes at forces greater than 5 pN, suggesting physiological relevant
forces could expose cryptic vinculin binding sites in the two proteins. In
Chapter 4, I compare the mechanical responses of talin rod domain and α-
catenin central domain to show that vinculin binding to talin and α-catenin
only upon application of force and vinculin binding inhibits the refolding of
these proteins. In addition, at forces larger than 30 pN, bound vinculin can
be displaced from these proteins, implying the binding of vinculin is bipha-
sic with force. Finally in Chapter 5 I discuss the biological implications of
the findings.
The work in this thesis establishes a molecular mechanism of mechanosens-
ing at early adhesion formations where the force dependent conformational
changes of talin and α-catenin play key role in the initiation of adhesion-
cytoskeleton linkage. Besides providing novel mechanistic insights into
the function mechano-sensitive proteins,the single molecule manipulation
methods developed in this work opens up possibility to study other force-
dependent protein-protein interactions such as ligand receptor interaction,
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1.1 Mechanosensitivity of cells
Mechanobiology is an emerging field in biomedical research, driven by the
realization that mechanical forces play a major role in a wide range of
biological and pathogenic processes [1, 2].
A century ago, biologists started to conceptualize that physical forces
can play in determining the morphology of life [3]. Later on, the study
of biomechanics has revealed the role of forces in tissue development such
as the bone strengthening and muscle growth [4–6]. In the 80s, Harris et
al. demonstrated that non-muscle cells can apply mechanical deformation
to their environment and deform elastic film they residing on started the
era of mechanobiology at cellular level [7].Subsequent studies revealed that
cells actively sense and respond to their mechanical environment - a process
with profound biological and pathological consequences.
For example, mechanical cues were sensed collectively at tissue level
that could direct the migration behavior of cells [8]. When pluropotent
embryonic stems cells were grown on substrates varying in rigidity, they
tend to differentiate into tissue cells with comparable rigidity - neuron
cells on soft substrate, bone cells on hard substrates and adipocyte cells
on substrate with intermediate rigidity [9]. In addition, how cells interact
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with their mechanical environment is important factor in many diseases
as well [1]. A defining feature of metastatic cancer cells is their ability to
escape apoptosis and proliferate in foreign environments [10]. Metastatic
breast cancer cells that invade lung or liver tissues were shown to grow most
efficiently on substrate with same rigidity to the invading tissue, suggesting
the ability to adapt to different substrate rigidities is critical for metastasis
process [11].
It has been proposed that cells sense the rigidity by actively deform-
ing their substrate and measure the stress-strain relationship [2, 12, 13].
In order to translate these mechanical cues into cellular signals directing
cells’ responses, there must exist mechanisms at molecular level that de-
tect the amount of forces that are applied on them. Molecules that ex-
hibit this properties are termed mechanosensing proteins. Over the years
many mechanosensing protein have been identified in the cells with diverse
mechanisms. Cells could directly translate applied force to a biochemical
modification such as phosphorylation [14]. The expression level and local-
ization of many individual proteins were shown to be directly regulated
by mechanical related signals [15, 16]. However, the mechanotransduction
and mechanosensing functions in the cell are not necessarily performed at
individual proteins level. Instead, various active protein assemblies with
defined constitutions and underlying molecular mechanisms, often referred
to as functional modules, work together to govern these complex and robust
processes [2, 17].
This thesis work devotes to understand the molecular mechanisms of
a key mechanosensing functional modules centered around the vinculin
protein at cell-matrix and cell-cell junctions. Part of the work is already
published [18, 19] and some materials from the papers are reused in the
thesis.
2
1.2 Review of cell adhesions
In advanced organisms such as animal or plants, one or more types of
specialized cells organize into tissues and carry out biological functions
collectively. The ability of cells to physically adhere with each other and to
their environment is essential for the formation and functioning of tissues.
Cell-cell adhesion is one of the corner stones in the arising of multicel-
lular organisms. Depending on the context, cell-cell adhesion could serve
different roles such as supporting mechanical integrity of tissues, signal
transduction across cells, cellular recognition and triggering of immune re-
sponses. Tissue organizations do not only depend on cell-cell adhesions. In
epithelium and muscles, cells are surrounded by a fibrous protein network
called extra-cellular matrix (ECM) . Main components of ECM include col-
lagen, proteoglycans and multiadhesive matrix proteins such as fibronectin.
ECM acts as an organization scaffold for tissues and is responsible for the
signaling and regulation of variety of cellular processes such as cell growth,
migration and gene-expression [20].
To fulfill such a set of functions, eukaryotic cells have evolved delicate
and robust molecular apparatus for the fine control of cell adhesions cen-
tered around several families of trans-membrane cell adhesion molecules
(CAMs) such as cadherins,Immunoglobins, integrins and selectins. Build-
ing upon these CAMs, cells develop several types of highly specialized cell
junctions for different purposes such as attachment (Anchoring Junctions),
barrier formation (Occluding Junctions), inter-cellular channel formation
and signal transduction (Gap Junctions) [20]. Among them, anchoring
junctions, particularly the junctions linked to cytoplasmic actin cytoskele-
ton, play key roles in maintaining the mechanical integrity of cells(Fig. 1.1).
They are also signaling hubs where the chemical properties and rigidity of
cells’ micro-environment are sensed [21].
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Figure 1.1: Anchoring junctions play key roles in maintaining mechanical
integrity of cells. Used by permission from MBInfo: www.mechanobio.
info; Mechanobiology Institute, National University of Singapore.
1.2.1 Cadherin based adherens junctions
There are three main types of cell-cell adhesions present in cells - tight
junctions, desmosomes and adherens junctions. Tight junctions (zonula
occludens) are found in epithelial and endothelial cells that act as diffusion
barrier forming a tight seal. Desmonsomes are responsible for anchoring
intermediate filaments to the cell-cell contact sites and are present in cells
that experiencing high shear stress [20, 22]. The most well-studied cell-
cell adhesions that play critical role in maintaining mechanical integrity of
tissues and regulate cell fates are cadherin based adherens junctions.
The cadherin family is the most diverse class of CAMs for cell-cell ad-
hesions. It contains over 100 members with distinct functions that can be
classified into 6 groups (Summarized in Table 1.1). Among them, type I
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classical cadherins is well-recognized for their roles in cell-cell adhesions.
They are mostly transmembrane proteins featuring a conserved extracel-
lular cadherin repeats domains. Despite the similar domain features, indi-
vidual members of cadherin family are highly specialized and only present




























Mostly unknown CDH9 CDH10
Table 1.1: Subfamily of Cadherins
Cadherins interact by extracellular homophilic interactions - they only
interact with proteins of the same type with rare but important exceptions
most notably in the immune responses of epithelial cells where E-cadherin
interacts with integrins of immune cells [24]. The interactions between
cadherin molecules are carried out by calcium sensitive associations of the
extracellular cadherin repeats. This interaction can happen between two
adjacent cells (trans interactions) or two cadherin molecules from the same
cell (cis interactions). Both trans and cis interactions are shown to play
important roles in the formation of stable cell-cell contacts [25].
The formation of adherens junction is a complex and tightly regulated
process. At onset, type I cadherins are recruited to the membrane by direct
exocytosis along with the β-catenin that can be assisted by nectins . At
the membrane, cadherins are diffusive initially and they become less immo-
bile upon engagement with cadherins of neighboring cells through calcium
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dependent trans interactions of their extracellular cadherin repeats [26].
After the establishment of trans interactions, cadherins from the same cells
can also form lateral cis interactions that are thought to be important in
the formation of stable junctions [27]. Following the establishment of cad-
herin interactions, conserved set of key cytoplasmic components such as
α-catenin, β-catenin, p120-catenin and Eplin are recruited to the nascent
adherens junctions. These proteins in turn form the basis of the dense
complex molecular assembly at adherens junctions that is also referred to
as adherens junction plaques [28]. These proteins mediate the dynamics
of adhesions including assembly/disassembly as well as interaction and re-
modeling of the actin cytoskeleton. Building upon these core proteins, cell-
cell adhesion can adopt different morphology and molecular compositions
depending on the circumstances and cell types [29].
The mechanical linkage between cadherins and actin cytoskeleton is
critical for the formation of stable adherens junctions [30]. Inhibition of
actomyosin contraction by blebbistatin inhibit the recruitment of adherens
junctions protein that is essential for their growth and maturation such as
vinculin [31]. The homophilic trans interactions between individual cad-
herin molecules can withstand forces up to 100 pN before rupture [32, 33].
E-cadherins in vivo were shown directly experiencing stretching forces in
the pN range and actomyosin contractility greatly influences the formation,
maturation and remodeling of adherens junctions [34]. The composition
and topology of this mechanical link is still not fully resolved [35]. How-
ever, it is well-established that cytoplasmic proteins such as α-catenin was
shown to be at center stage for the establishment of this mechanical link-
age [36]. In addition, cytoskeletal proteins such as vinculin are recruited to
adherens junctions in a force dependent manner in by α-catenin, demon-
strating the mechanosensitivity of adherens junctions [37].
Adherens junction mechanosensing has been shown to be involved in im-
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portant biological processes such as development, tissue repair and diseases.
Great efforts have been made to elucidate the key players and underlying
mechanosensing mechanisms. (Reviewed in [38]).
1.2.2 integrin based cell-matrix adhesions
Integrin based cell-matrix adhesions are the most-studied cell adhesions so
far. Integrins are a class of conserved transmembrane proteins that links
cytoskeleton to the ECM. Integrins typically consist of a large extracellular
domain and a relatively small cytoplasmic domain [39]. In the activated
functional form, two subunits of integrins α and β will form heterodimers
that bind to specific amino acid sequences of ECM proteins such as RGD
peptide of fibronectins, LDV peptide of VCAM-1 or GFOGER motif of
collagen. There are 18 α and 8 β subunit genes in mammalian cells and
among them 24 α-β pairs are identified so far that recognize wide variety
of ECM ligands [40]. The short cytoplasmic domains of integrins act as
a molecular interaction hub that can interact, directly or indirectly, with
hundreds of adhesion and cytoskeleton proteins that form the optically
dense matrix adhesion plaques [41].
Integrin based cell-matrix adhesions can generate a highly diverse set of
adhesive structures that have distinct morphology and behaviors depend-
ing on the micro-environment and phases of adhesion maturation. In 2D
culture system, in the initialization phase of cell spreading, when a cell is
just in contact with its substrate, cells form nascent dynamic focal com-
plexes. When the focal complex evolved, it can mature and form contractile
adhesions such as focal adhesions. In some specific cell types and circum-
stances, other types of adhesions can arise such as ring like, highly dynamic
podosomes (See Fig. 1.2). Cells in their native environment are believed
to form adhesion structures reminiscent to these structures formed in 2D
culture systems in terms of molecular architecture and functions [42].
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Figure 1.2: Different cell-matrix adhesions have distinct morphologies and
functions depending on cell type and spatial-temporal phases of the cell.
Used by permission from MBInfo: www.mechanobio.info; Mechanobiology
Institute, National University of Singapore.
Cell-matrix adhesions start to form upon stimulation, either external
when cells gets in contact with ECM, or internal, by the activation of sig-
naling cascades such as Ras. The autoinhibited integrin on te tensile mem-
brane gets activated. During activation, integrin will undergo significant
structure changes that allow the binding of adhesive proteins such as talin
and paxillin, initiating the formation of focal complexes. Overtime, focal
complex mature and more proteins are recruited such as vinculin, FAK and
α-actinin. At this stage, focal complexes start to engage with contractile
actin cytoskeleton and detect their substrate rigidity through a actomyosin
contraction dependent mechanism that has not been fully resolved to date.
If the rigidity of the substrate is high enough, the focal complex mature
into focal adhesions [43]. In this process, more components such as zyxin
and tensin are recruited while the linkages between focal adhesion and actin
cytoskeleton are enhanced. Mature focal adhesion complex is a highly or-
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ganized structure that has well defined molecular architecture facilitated
by specific interactions between adhesion proteins [44].
Mechanical force is a critical factor that couples tightly with the forma-
tion and dynamics of cell-matrix adhesions. Most cell-matrix adhesions,
such as focal complex and focal adhesions, are contractile that actively
exert forces to their substrate [45]. Stable focal adhesions are lost when
actomyosin contraction of cells is inhibited by blebbistatin. In addition,
the size of focal adhesion is proportional to the forces they exerted to
the substrate [46] and many focal adhesion proteins show force dependent
localization to focal adhesions [47]. Cell-matrix adhesions are also respon-
sible for sensing the rigidity of the substrate, directing the behaviors of cell
spreading (Reviewed in [12]).
As cell-matrix adhesions are force bearing structures, members of cell-
matrix adhesion proteins must be under tension and transmit mechanical
forces generated from cytoskeleton. Many studies have devoted to measure
the strengths of interactions between members of adhesion proteins as well
as their mechanical integrities. The tension exerted on single proteins can
exceed 100 pN before breaking (Reviewed in [48]).
1.3 Literature survey on mechanosensing re-
lated proteins at cell-adhesions
As cell adhesions play a pivotal role in the proper function of cells, mis-
regulation of cell adhesions often leads to severe pathological consequences.
Altered cell-cell and cell-matrix adhesion function is one of the hall marks
of cancer [49, 50]. The proper functions of cell adhesions, both in terms
of adhesion strength and underlying signaling pathways are critical for al-
most every aspect of development (reviewed in [51]). Mechanosensitivity
has been increasingly recognized for their importance in cell adhesions reg-
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ulation and related diseases [1]. In recent years, great efforts have been
focused on identifying the mechanosensors within cells. Number of known
force sensitive molecular responses are fast growing in dept to the rapid
growth of available tools that can probe and alter cells’ mechanical path-
ways such as traction force microscopy, deformable substrates, micro/nano-
fabrication and myosin inhibitors. However, the molecular mechanisms of
mechanosensing for these proteins are largely unknown. In this section, key
protein players identified in the mechanosensing pathways are reviewed.
1.3.1 vinculin
Vinculin is a 120kD cytoplasmic actin binding protein enriched in both
focal adhesions and adherens junctions. It is essential for development as
vinculin deletion is embryonic lethal due to heart and brain defects [52].
Vinculin does not possess enzymatic activity - all its biological functions
are carried out through highly regulated molecular interactions that can
be fine-tuned by conformation changes. At subcellular level, vinculin plays
important roles in regulating cell-matrix and cell-cell adhesions. Cells lack-
ing vinculin develop less stable focal adhesions and migrate faster in wound
healing assays [53]. vinculin deletion also led to impaired adherens junction
reinforcement upon mechanical stimulation [54].
Vinculin is a compact globular protein composed of successive 4 α-helix
bundles. Five of these α-helix bundles constitute the vinculin head bind-
ing to various partners such as talin, while the C-terminal constitutes the
vinculin tail binding to F-actin [55] (See Fig. 1.3).
The localizations of vinculin to both cell-matrix adhesions and adherens
junctions are mediated by mechanical force [37,46,54,56]. Vinculin recruit-
ment is generally related to the enhancement of cytoskeleton linkage and
leads to the formation of stable adhesions [57]. FRET force-sensor has
shown that vinculin is under mechanical tension inside cells [58].
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Figure 1.3: The domain map of vinculin. The N-terminal head domain of
vinculin contain binding cite for proteins in cell adhesions such as α-catenin
and talin and a C-terminal tail domain that binds to F-actin. In cytosol,
vinculin exist in an auto-inhibited conformation where its head and tail
domains bind with nanomolar affinity. Used by permission from MBInfo:
www.mechanobio.info; Mechanobiology Institute, National University of
Singapore.
In the cytosol, vinculin is under an inactive head-to-tail conformation
presenting only weak affinity for actin. In contrast, vinculin captured at
focal adhesions by force-dependent activated talin is stabilized under an
open conformation characterized by relaxation of head to tail dissociation
that is stabilized by binding of the head to talin, and high affinity binding
of the tail domain to F-actin. in vivo study suggested that vinculin is
recruited to focal adhesions in the auto-inhibited conformation and gets
activated in situ that orchestrate downstream signaling events [59].
However currently there are conflicting data regarding the mechanism
of vinculin activation. One line of literature suggests that due to the tight
head-tail association, full-length vinculin can only be activated in the pres-
ence of multiple ligands such as talin and F-actin simultaneously. Support-
ing this idea, using a FRET vinculin probe, Chen et. al. show that talin
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can not activate vinculin alone without the presence of F-actin [60]. In-
consistent with these findings, some other studies suggest that interaction
of the N-terminal domain can trigger vinculin activation. The N-terminal
binding sites for talin and α-catenin are not blocked by the head-to-tail
interactions [61,62]. Moreover, the affinity of talin and α-actinin’s vinculin
binding sites to vinculin has comparable affinity measured by Surface Plas-
mon Resonance (SPR) methods [63]. The mechanism of vinculin activation
is important for the understanding of the establishment of mechanical links
between actin cytoskeleton and cell adhesions.
1.3.2 talin
Talin is a focal adhesion protein that plays an important role in the ini-
tialization of focal complexes. It is one of the earliest proteins that gets
recruited to the nascent adhesion sites and is related to the activation of
integrins [64]. Depletion studies identified that talin is essential for the me-
chanical connection between focal adhesions to the actin cytoskeleton [65].
Figure 1.4: The domain map of talin. (A) The structural illustration of
the full length talin. Zoom in shows the detailed structure of the R1-R3
region of talin rod domain. High lighted in yellow is the Trp residues at
the center of talin domain. (B) The compact R1-R3 part of talin rod is
hypothesized to be the core mechanosensing region of talin
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Talin comprises an N-terminal FERM domain (50 kDa) that binds
integrin cytoplasmic tails and acidic membrane phospholipids coopera-
tively [66,67]. The C-terminal of talin contains a long rod domain (220kDa)
consisting 13 helical bundles (R1-R13) and a terminal helix involved in
the formation of talin homodimer (Fig. 1.4(A)) [68]. In the talin rod do-
main, there are eleven putative vinculin binding sites (VBS) , each defined
by hydrophobic residues on a single helix, but these are normally buried
within the helical bundles [69]. The talin-vinculin interaction occurs pri-
marily through the association of the vinculin head (VD1) domain with
these VBS [58, 70]. Talin rod domains can directly interact with F-actin
through its three F-actin binding sites [71]. The engagements with actin
cytoskeleton put talin under the mechanical influences of actomyosin con-
traction [72].
As talin is stretched inside of cells and many of its vinculin binding sites
are hidden in the folded talin rods, It has been long proposed that talin
rod domain is mechanosensitive. Talin is critical for the force-dependent
recruitment of vinculin to focal adhesions [56]. Steered full-atom molecular
dynamics (MD) simulations indicate that the cryptic VBS may be exposed
by mechanical force resulting from actomyosin contractions in vivo [73,74].
This hypothesis is supported by experiments that revealed substantial in-
creases in the vinculin-talin interaction when talin was subjected to forces of
12 pN with magnetic tweezers [75]. in vivo single molecule measurements on
the end-to-end distances of talin also suggested that it is constantly under
unfolding-refolding fluctuations inside the cells [70]. However, open ques-
tions remain on the force-sensing mechanisms of talin such as the amount
of forces that required to trigger vinculin binding and how the different
talin rod domains work in synergy to regulate vinculin binding.
The recent structural characterization of full-length talin (Fig. 1.4(A))
shows that the talin rod is comprised of 13 helical bundles (R1-R13) orga-
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nized into two distinct regions, a compact N-terminus comprising R1 to R3
(residues 482-911) likely to change conformation in response to force, at-
tached to a long linear rod region encompassing 10 further bundles, R4-R13
(residues 913-2482) perfectly suited to force transmission. The compact N-
terminal region of the talin rod (R1-R3) is atypical as both R2 and R3
each contain two VBS and is likely to be the key mechanosensing domain
of talin [68]. In addition, the R3 domain is an four-helix bundle with a thre-
onine belt in its hydrophobic core, destabilizing its structure. Therefore it
was hypothesized that the R3 domain is especially sensitive to mechanical
forces, and will likely be the first to react to applied forces [68].
1.3.3 α-catenin
α-catenin is one of the core proteins that associate adherens junctions to
the actin cytoskeleton. Deletion of α-catenin is associated with impaired
cadherin-mediated adhesion, tissue development and homeostasis. Ad-
herens junction are lost in α-catenin deleted cells and can be rescued by an
artificial E-cadherin-αE-catenin fusion construct [36]. In addition, in cells
expressing mutant α-catenin that does not bind vinculin, the mechanosen-
sitivity of adherens junction is lost [76].
Figure 1.5: The domain map of α-catenin.
α-catenin is a complex protein with strong homology with the vinculin
head domain, sharing a λ-shape arrangement of α helix bundles [77].At cell-
cell junctions, β-catenin directly binds to the N-terminus of α-catenin [78,
79] and to the intracellular tail of cadherins [80,81], forming the cadherin/β/α-
catenin complex. α-catenin possesses a domain of homodimerization and
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dimerizes in solution (Fig. 1.5); however, this domain overlaps with a N-
terminal β-catenin binding domain, and homodimerization of α-catenin is
inhibited by β-catenin binding [77, 82]. The C-terminus of α-catenin con-
tains an F-actin binding site [83,84], which associates the tertiary cadherin/β-
catenin/α-catenin complex to the actin filaments [36]. Though direct bind-
ing has not been observed between the purified components of this com-
plex in solution [85], it is still acknowledged that α-catenin dynamically
links the complex to F-actin directly, indirectly, or both, allowing force
transduction and strengthening of adhesions [38, 86, 87]. α-catenin binds
to other actin binding proteins, such as vinculin [83, 88–90], ZO-1 [83, 91],
afadin [92] and formin-1 [88], through sites distributed in the central part
of the molecule. The α-catenin actin binding domain located at the C-
terminus of the molecule (Fig. 1.5 FABD domain) appears to bind to the
side of actin filaments, inducing conformational changes of individual fil-
aments and preventing the binding of the branching complex Arp2/3 and
the severing protein cofilin [93]. Thus, α-catenin binding to actin may favor
assembly of unbranched filaments that are more protected from severing
than dynamic, branched filament arrays [94].
It has been recently hypothesized that αE-catenin may act as a mechano-
transducer in the pathway that converts mechanical strain on cadherin
adhesions into a cue for junction strengthening [37]. Because vinculin ac-
cumulates at mature cell-cell junctions upon actomyosin generated ten-
sion [31, 37, 54, 95] and binds αE-catenin [83, 89, 96] , it has been proposed
that α-catenin functions in concert with vinculin. Further analysis of cad-
herin adhesion strengthening by cell doublet force separation measurement
indicates that α-catenin, vinculin, and their direct interaction are required
for tension-dependent intercellular junction strengthening [86]. These pro-
teins appear as key candidates for mechanotransduction at cell-cell junc-
tions.
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The detail on the linkage between cadherin and actin is an open ques-
tion. Traditionally, α-catenin is thought to be the key linker based on the
fact that it has an N-terminal binding sites for β-catenin that binds tightly
to E-cadherin, as well as a C-terminal actin binding sites. However, later
biochemcial studies suggest that α-catenin could not interact with both
proteins at the same time [85]. Based on this observation, a new model has
been proposed that the interaction between β-catenin and α-catenin acts
as a means of enrich α-catenin to the adherens junctions. Then α-catenin
dissociate from β-catenin, dimerize and serve as a actin modulator that in-
hibit Arp 2/3 complex [97]. However, it is still widely believed that at least
transient interaction exist between the cadherin-catenin tertiary complex
and F-actin, establishing a mechanical link [86,87].
1.3.4 other mechanosensing proteins at cell adhesions
Besides talin and α-catenin, several other mechanosensing proteins have
been identified at cell adhesions [12]. FAK and Src are two kinases that
known to phosphorylate substrates in a force dependent manner that is
not related to mechanosensitive ion channels [47]. p130cas the is the first
protein that was identified to change its susceptibility to phosphorylation
upon stretching by mechanical forces [14]. Other proposed mechanosensing
proteins including actin [16], filaminA [23, 98], and focal adhesion kinases
[99].
1.4 Key question: Mechanosensing mecha-
nisms of talin and α-catenin
With the identification that talin and α-catenin are important mechanosens-
ing proteins, great efforts were made to understand their mechanisms of
action. The first clue came from structural analysis of talin rod domains.
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Bioinformatics study revealed that there are up to eleven vinculin binding
sites in the long talin rod domain containing 13 α-helical bundles. How-
ever, from the crystal structure of the talin rod domain, it was apparent
that some of these vinculin binding sites are buried in the helical bundle
and not accessible for vinculin binding [100, 101]. Both talin and vin-
culin have to undergo substantial conformational changes to accommodate
binding [100, 102]. Since talin is under actomyosin forces in vivo at fo-
cal adhesions, it is proposed that mechanical forces applied on talin can
directly alter its structure and expose its many cryptic vinculin binding
sites. This hypothesis was supported by molecular dynamics studies that
showed talin rod domain can unfold and expose their vinculin binding sites
when forces are applied [73, 74]. Then single molecule studies have con-
firmed that 12 pN forces applying to talin rod greatly enhanced its affinity
for vinculin head [75]. Elegant in vivo studies also confirmed that talin
rod domain undergoes rapid unfolding/refolding fluctuations in an acto-
myosin dependent manner [70]. At cell-cell adhesions, it has been shown
as well that α-catenin will undergo force dependent conformational change
to accommodate vinculin binding [37,103].
Previous data on talin and α-catenin supported a mechanism where the
two protein regulate their affinity for vinculin by force induced conforma-
tional changes. However, open questions still exist such as the nature and
extend of conformational changes and the force threshold that triggers vin-
culin binding. In this thesis, I set out to address these questions using
single molecule manipulation methods, with the long term goal of estab-






Traditional biochemistry and cell biology techniques have limited control
over mechanical forces that are applied on the molecule. In most in vitro
experiments , no force is exerted on the molecule of interest. In order to
study the mechanical force related processes, novel experimental techniques
need to be developed, allowing control of these parameters. Over the past
decade, extensive advancement has been made in this regard. Methods have
been developed to measure forces generated by cells to their environment
and apply mechanical stress on single molecules such as proteins.
In this chapter, first I review the theoretical understanding of force
induced structural transition of proteins. Then I introduced the principle
of magnetic tweezers, the main tool used for my study. In the end of the
chapter, I describe the detail of other experimental methods used in the
study.
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2.1 Theory of force induced structural tran-
sitions of protein
2.1.1 Structural states during two state protein un-
foding and refolding transitions
Since the discovery that amino-acid sequences determine the protein struc-
ture, numerous theoretical efforts have been made to understand the pro-
cess of protein folding/unfolding. The vast amount of possible conforma-
tion states a protein peptide chain can adopt imply that proteins must rely
more than just trial and error to be able to fold in a biological relevant time
scale. Currently energy funnel hypothesis is widely-accepted to address the
folding problem. It suggest that conformation energy of the protein is in a
rugged funnel-like multi-dimensional energy landscape where the natively
folded protein have the lowest free energy(Figure). When a unfolded pro-
tein folds, instead of explore all the available conformation states, unfolded
peptide chains will fast relax to a local energy minimum and follow the
path with lowest energy barrier to the natively folded state like rolling a
ball down a hill.
Depending on the nature of individual proteins, folding pathways of pro-
tein could be very rough, with many meta-stable local minimums/folding
intermediates that can slow down the folding time to hours. For many other
proteins or protein domains, the folding is very fast and can be modeled as
cooperative transition from an unfolded state to folded state, overcoming
an energy barrier. This two state model has been shown to satisfactorily
describe the folding of many proteins.
In two-state model, three ensembles of protein structural states are
important for the understanding of the transitions (see Fig. 2.1): the na-
tively folded state, which can be considered as rigid body of sizes in the
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Figure 2.1: Sketch of the possible conformational states of protein under
force.
nanometer range, the transition state which is often considered as a non-
natively rigid folded state with a similar dimension to the native state,
and the unfolded state which is a disordered peptide chain. The energy
landscape of a protein can be expressed as the function of free energy vs a
reaction coordinate under the assumption that each value in the reaction
coordinate corresponds to a ensemble of conformations with comparable
free energy [104]. In protein stretching experiments, the most convenient
reaction coordinate to use is the end-to-end distances of the molecule as
shown in Fig. 2.2. The differential force responses of these three structures
govern their force dependent transitions and their kinetics, which will be
explained in the subsequent subsections.
Figure 2.2: Sketch of the free energy landscape in a two-state model.
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2.1.2 Force-extension curves of the structural states
Under force, any the protein structures tend to be aligned up along the
force direction. A rigid body can be approximated as rod with a length
of l0, whose extension (i.e., the length projected along the force direction)
has a analytical solution as:
xrigid(f) = l0 coth(fl0/kBT )− kBT/f, (2.1)
where kB is the Boltzmann constant, and T is the absolute temperature.
Such rigid body force-extension curves can be applied to describe the force
responses of both native state and the transition state.
In the unfolded state where the protein exists as a peptide chain, it
has a markedly different force response. It has been demonstrated that it
can be well-described by the worm-like-chain polymer model with a small
bending persistence length. Its force-extension curve can be characterized














Here f is the applied force, x is the end-to-end distance of the molecule
projected along the force direction, and L is the contour length. A is the
persistence length of the unfolded peptide chain and its value is determined
experimentally to be in the range of 0.4-0.6 nm [106–108]. Fig. 2.3 shows
the force-extension curves of a rigid body with l0 = 4 nm and a peptide
chain with 89 residues corresponding to the i27 domain of titin (note each
residue has a contour length of ∼ 0.4 nm).
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Figure 2.3: Calculated force-extension curve of folded and unfolded i27
2.1.3 Force dependent free energy differences between
states
A polymer under tension can be treated as an one-dimensional canoni-
cal thermodynamical system, which macroscopic state is described by ten-
sion, extension, and temperature (f ,x,T ). It corresponds to the three-
dimensional system whose macroscopic state is described by pressure, vol-
ume, and temperature (P ,V ,T ). In the three dimensional system, the three
measurable quantities are not independent from each other, linked by a
state equation. For the ideal gas, it is PV = NkBT , where N is the num-
ber of the gas molecules. Because of such dependence, one can choose two
of three quantities to describe a system.
Like in the three dimensional system, in the one dimensional polymer
system, there is a state equation linking the three quantities, i.e., the force-
extension curve of the molecule. As a result, at a temperature, one can
describe the system choosing either force or extension as independent vari-
ables. In a typical force spectroscopy experiment by atomic force micro-
scope (AFM) or optical tweezers, the extension of the molecules are con-
trolled whereas the force is recorded. In such experiments, it is more con-
venient to choose the extension as the independent variable. In contrast, in
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experiments by magnetic tweezers or by force-clamping mode of AFM and
optical tweezers, force is controlled whereas extension is recorded. In such
experiments, force is a more convenient independent variable to describe
the system.
At fixed temperature, the entropy change during any transition is zero.
The Helmholtz conformational free energy which uses the extension as in-





where f(x) is the force-extension curve using the extension as the inde-
pendent variable. The importance of the Helmholtz energy lies in that it
describes the direction of a structural transition under a constant exten-
sion x - a favored transition results in a decreased ΦH(x). The average






Similarly, if force is used to describe the system, one can calculate the




x(f ′)df ′, (2.5)
where x(f) is the force-extension curve using the force as the independent
variable. The importance of the Gibbs energy lies in that it describes the
direction of a structural transition under a constant force x - a favored
transition results in a decreased ΦG(f). The average extension at a given




In a force induced unfolding transition of a protein domain, besides the
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change in the above extension- or force-dependent conformational free en-
ergies, ∆Φ = Φunfolded−Φfolded, there is another energy cost ∆g0 describing
the chemical interaction that hold the protein in the folded state.
The total free energy changes under constant force or extension are:
∆G(f) = ∆g0 + ∆ΦG(f), (2.7)
and
∆F (x) = ∆g0 + ∆ΦH(x), (2.8)
respectively.
These free energies provide the physical basis for understanding the
structural transitions of a biomolecules under constant force or constant
extension. ∆G(f) = 0 determines the critical force at which the forward
and reverse transitions are counter balances (Fig. 2.4). Similarly, ∆F (x) =
0 determines a critical strain deformation at which the forward and reverse
transitions are counter balanced.

















Figure 2.4: Calculated force-dependent Gibbs free energy of folded and
unfolded titin I27 domain. Here the ∆g0 = 10 kBT was determined for I27
by previously biochemical studies [109]
In my research, magnetic tweezers have been applied in the studies.
Therefore, hereafter I only discuss the force induced structural transitions
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under constant force using Gibbs free energy.
The kinetics of transition between two states is controlled by overcoming
an energy barrier separating the native and unfolded states. The ensemble
of the structures that are located at the peak of free energy is called the
transition state, which often involve small deformation from the native
state and is also considered as rigid body with a rod length of l‡ = l0 + δ,
where δ indicates the strain change from the native state.
During the folding process at a force, the Gibbs free energy difference
between the unfolded state and the transition state is(Fig. 2.5):
−∆Φ(f) = ΦunfoldedG (f)− ΦtransitionG (f), (2.9)
This resulting in a force-dependent folding rate by the Arrhenius equa-
tion as:
kf (f) = k
0
f exp(∆Φ(f)/kBT ). (2.10)




u exp(−∆Φ(f)/kBT ), (2.11)
where ∆Φ(f) = ΦtransitionG (f)− ΦfoldedG (f) (Eq. (2.9)).
Note that the above force dependent rates are based on the Arrhe-
nius equation and based on the general expression of force dependent con-
formational free energy difference between states. The often used Bell’s
model [110] is an approximate, by assuming the difference in the force ex-
tension curves between states, ∆x(f) = ∆x, is a constant independent on
force. The Bell’s model is a good approximation for many unfolding prob-
lems occuring at high force. Since both the native and the transition states
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Figure 2.5: Calculated force-dependent unfolding and refolding rate of
I27. Here the ∆g0 = 10 kT. The transition state is defined as a rigid body
with extension 4.25 nm and an energy penalty of -20 kBT. [109].
are rigid, under high force they are basically fully alligned along the force.
Therefore the ∆x = δ, which is often called the transition distance. With
such approximation, the force dependent unfolding rate becomes:
ku(f) = k
0
u exp(fδ/kBT ). (2.12)
Here we emphasize the Bell’s model is not a good approximation to describe
the folding process, which often occurs at low forces and the peptide chain
cannot be assumed as a rigid body.
Once rates are obtained, the total Gibbs free energy change between
native and unfolded states can be expressed as:




In many experiments, κf (f) and κu(f) can be obtained separately. Further
through Eq. 2.7 one can obtain ∆g0.
∆G(f) can also be obtained by observing equilibrium unfolding and
folding transitions over a time holding the tether at a constant force. Such
fluctuation allows to directly measure the probability of the protein domain
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in the unfolded state p(f) at constant force f by counting the dwell time
of each state. With p(f) measured, ∆G(f) can be calculated by equation




This way to calculate ∆G(f) from p(f) ofen can only be done over a narrow
force range where folding and unfolding transitions can both occur during
the experimental time scale.
The above theory can also be applied to study ligand or protein binding
to a substrate protein under force, by replacing the ∆g0 to be the binding
energy and ΦG(f) to be the force dependent conformational free energy of
the substrate molecule.
2.1.4 Free energy landscape along the transition co-
ordinate
As different structural states often have distinct force responses, at a given
force the same molecule in different states has distinct equilibrium exten-
sions, or more accurately, extension fluctuations. The so-called free energy
landscape (also often called the potential mean force (PMF)) along the
transition coordinate at given force, which is defined as the negative log-
arithm of the probability distribution of the extension fluctuation at the
applied force, gives insights of the structural states and transitions at differ-
ent extensions. In such a free energy landscape, the stable states correspond
to the energy minima while the transition states are located at the peaks
along the transition coordinates.
As an example, under a force f and given a Gibbs free energy cost of
unfolding, the probabilities of a protein in the unfolded and in the native
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state are given by the Boltzmann distributions:
punfolded(f) = e
−∆G(f)/(kBT )/(1 + e−∆G(f)/(kBT )), (2.15)
and
pfolded(f) = 1/(1 + e
−∆G(f)/(kBT )). (2.16)
The distribution of the extension of the molecule is:
ρ(x) = punfolded(f)ρunfolded(x) + pfolded(f)ρfolded(x)xfolded(f),
difference where ρunfolded(x) and ρfolded(x) are the extension distribution
functions of the unfolded and the folded states, respectively, which can be
approximated by Gaussian distributions. Their means are determined by
negative first order derivatives of the their respective Gibbs conformational
free energies, −∆Φ′G(f), and their variances are the second order derivatives
of the ∆Φ′′G(f). The free energy landscape is then −kBT ln(ρ(x)).
At a given force, the free energy minumum at the shorter extension
corresponds to the folded state at its average extension at the force, whereas
the one at the longer extension corresponds to the unfolded state at its
average extension at the same force. The flatness of the respective free
energy wells is determined by the elastic flexibility of the molecule in the
two states. An example based a folded rigid body size l0 = 4 nm, an
unfolded state with 89 amino acids and a persistence length of A = 0.5
nm, and ∆g0 = 10 kBT is shown in Fig. 2.6 at several forces.
The curves in Fig. 2.6. demonstrate a familiar double-well free energy
landscape separated by an energy barrier. It is a natural reflection of the
polymer elasticity of the folded and unfolded states as well as ∆g0. The
position of the peak of the barrier, x∗, can be determined by the following
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equation:
− ln ρfolded,f (x∗) + ln ρunfolded,f (x∗) = ∆G(f), (2.17)
where ρfolded,f (x) and ρunfolded,f (x) are the extension fluctuation of the
folded and unfolded states at the same force of f . As mentioned previously,
they can be approximated by Gaussian distributions, with their means as
the respective extensions at the force. Their variances of the distributions
can be obtained by derivative of their force-extension curves with regard
force. In the example in Fig. 2.6, at the force f = 10 pN, x∗ is determined
at ∼ 6 nm, and an energy barrier height for both unfolding and folding is
calculated to be > 50kBT.


















Figure 2.6: Calculated force-dependent free energy landscape of I27 as a
function of extension.
However, as our derivation is purely based two stratureal states, this
energy barrier does not represent any intermediate strutural states. In the
above example, at the critical the huge energy barrier height of nn kBT
simply means that a thermally driven spotaneous transitions between the
folded and unfolded states are impossible. In real experiments, the folded
and unfolded states are linked by an ensembe if intermiedtate states which
are a set of partially unfolded strutures at various extents with different
free enrgies. They define a transition pathwith a rugged free energy profile.
The intermiedtate state with the highest free energy defines the transition
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state. At a given force, the free energies of the intermediate states de-
pend on both the chemical interactions and strongly on the force geometry.
When the force is in a shearing conformation (Fig. 2.7), unfolding of one
residue results in one residue of peptide under force. In contrast, in a un-
zipping geometry, it results in two residues under force. Therefore, the
same force leads to more free energy descrease in the unzipping geometry
than in the shearing force. As a consequence, the transition state is often
an intermiedate state with a shearing force geometry.
Figure 2.7: Force geometry affect the free energy of transition states
2.2 Magnetic tweezers
Several single molecule manipulation techniques have been developed over
the years that can apply mechanical forces to the molecule of interest and
measure their force responses such as Atomic Force Microscopy (AFM) ,
Optical tweezers and magnetic tweezers, each with its unique strengths
[111].
In recent years magnetic tweezers has been frequently applied to study
protein and protein-protein interactions. The main advantage of magnetic
tweezers is its stability. It is a natural force clamp that can apply a constant
force to the molecule of interest for a arbitrary time with low drift. In
this section, the principles of the magnetic tweezers used for this work is
introduced.
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2.2.1 Magnetic tweezers setup
Shown in Fig. 2.8 is the high force vertical magnetic tweezers setup used for
protein stretching experiments. A pair of permanent magnets was mounted
on the top of a commercial olympus X71 microscope. The distance of
between the magnet and sample is controlled by a nano positioning stage
(VT 40 PI MICROS). The oil objective used is mounted on a piezo stage
that allows precise control of objective focus with sub-nanometer resolution.
Figure 2.8: Photo of the vertical magnetic tweezers used in this study.
During experiment, the protein of interest is specifically immobilized on
the bottom coverslip of a laminar flow channel at one of its terminals. The
other end of the protein was specifically tethered to a functionalized su-
perparamagnetic bead (M270 from dynabeads). When the beads is placed
beneath the permanent magnets, a magnetic force is applied on it.
The amount of the force applied on the bead can be controlled by the
magnet distance (distance between the permanent magnet and the mag-
netic bead) . As the sensitivity of the force on magnet distance is in mil-
limeter range ( 4.5 mm - 1 mm roughly corresponds the increase of force
from 1 pN to 40 pN), effect of force-dependent position changes of the mag-
netic beads typically in the range of nanometer to micrometers on applied
force is minimal. Therefore, magnetic tweezers are considered a intrinsic
force-clamp. It can apply constant force to the molecule of interest that
will simplify many experimental analysis [111].
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2.2.2 Force determination for magnetic tweezers
The force applied on the beads and thus attached proteins on a given





Here ~m is the magnetization of the bead in the external magnetic field
~B. However, in practice the use of this equation for force determination is
limited due to the complexity of magnetic field configuration and variances
in magnetization of individual magnetic beads. In the setup used, the force
is estimated by the transverse fluctuation of bead in the presence of force
as described below:
Shown in Fig. 2.9, when the superparamagetic bead is placed under
a permanent magnet, it is magnetized with a momentum along with the
direction of the magnetic field and experiencing a pulling along the direction
of the gradient of field strength. Due to the large differences between the
permanent magnetic and the magnetic bead, the local direction of the
magnetic field can be considered uniform with the gradient of the field
pointing upwards.
When a bead is placed under a force, it undergo Brownian motion that
can be considered as an fluctuating pendulum. By equipartition theorem,
rigidity of the pendulum kx = f/l at a given direction perpendicular to the
applied force is given by the following relation [112]:
f/l = kBT/〈δ2x〉
f = kBT l/〈δ2x〉 (2.18)
Here l is the extension of the molecule along the direction of force.
Equation (2.18) can be applied to any polymer that is rotationally uncon-
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Figure 2.9: Illustration of the magnetic tweezers setup used in the ex-
periment. (A) At x direction,the rotation of the magnetic bead is limited
as the direction of the bead magnetization is aligned with the magnetic
field. (B) At y direction, the magnetic bead is freely rotating, the bead’s
movement along this direction can be modeled by a pendulum with radius
Lprotein+Rbead.
straint and does not interfere with the surface [113]. It worked well for long
molecules such as λ-phage DNA [112,114], but when the tether molecule is
short in the case of proteins, the utilization of this equation become lim-
ited. This is due to the Lorentzian corner frequency Fc = f/(2piγl) for
short tethers < 100 nm is too high for archiving Nyquist sampling with the
frame rate of the camera ( 200 Hz). This limits the accurate range of this
equation to be less than 2 pN [115].
To overcome this limitation, a force calibration method developed in-
house was used that takes the contribution of the magnetic bead into ac-
count [115]. As shown in Fig. 2.9, when the tethered molecule is shorter
than the radius of the magnetic beads, the rotational motion of the bead
become a significant part of the overall motion observed. Along with the
direction of the magnetic field (defined as the x direction), the rotation
of the bead is suppressed as the bead tends to align with the magnetic
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field (Fig. 2.9(A), this limits the sensitivity of the bead fluctuation with
the applied force. However, at the y direction perpendicular to both the
magnetic field and the applied force(Fig. 2.9(B)), the magnetic bead can
rotate freely and be considered as a part of the overall pendulum motion.
In this case, at y direction the forces applied on the bead can be expressed
as:
f = kBT (l + r)/〈δ2y〉 (2.19)
Here l is the extension of the tether and r is the radius of the magnetic
bead ( in the case of M270 bead used in this study, 1.4 μm). When stretch-
ing short tethers, this trick allows substantial reduction of the Lorentizian
corner frequency and the maximum forces equation (2.19) can accurately
measure is increased to ∼10 pN and for longer tethers such as λ-DNA up
to 100 pN [115].
To accurately determine the forces for short tethers at higher range, ad-
ditional method is required used based on the configuration of the magnetic
field. As the field strength of permanent magnets used are strong (typically
> 1T), the magnetization of the bead is saturated and therefore only de-
pend on the local gradient of the magnet field [116]. In this simple case, at
a given magnet distance, the forces applied on individual magnetic beads
are only depend on its maximum magnetization. By measuring the prop-
erties of the permanent magnet used in our magnetic tweezers setup using
λ-DNA, the force exerted on the beads as a function of magnetic distance
in our setup can be expressed by the following formula (Fig. 2.10) [115]:
f = C(α1e
(−d/γ1) + α2e(−d/γ2)) (2.20)
Here d is the magnet distance, α1 = 76, α2 = 140, β1 = 1.53 and β2 =
0.42 are fitting parameters that characterize a ” standard ” bead in our
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magnet setup (Fig. 2.10(A)). C is a scaling factor that encodes the variances
of maximum magnetization among the bead population(Fig. 2.10(B)).
Figure 2.10: Calibration of permanent magnets using λ-DNA (A) Using
thermal fluctuation of 16 μm λ-DNA, the force applied to many magnetic
beads as function of the distance between beads and the permanent magnet
were accurately measured up to 100 pN. There were large differences in
applied force at the same magnet distance for individual beads. (B) By
introduce and linear scaling term representing the magnetic strength of
individual beads equation (2.20) can be used to characterize the applied
force as a function of magnet distance. Figure reproduced with permission
from Elsvier [115].
For a short tether, the value of C is calibrated by measuring the applied
force by bead fluctuations at low forces less than 10 pN and fit it to equation
(2.20). With the value of C determined, equation (2.20) can be used to
calculate the applied force at any magnet distance with accuracy within





The talin R1-R3 domain and its IVVI mutant used in this study was ex-
pressed as reported previously by the protein expression core of Mechanobi-
ology Institute [117].
αCM
A PCR product of the mouse αE-catenin central domain (αCM: residues:
275-735) was cloned into the di-cistronic pDW363 vector, co-expressing
the E. coli biotin holoenzyme synthetase (Bir A). Briefly, the 822-2266 nu-
cleotide fragment of the coding sequence of the mouse αE-catenin cDNA
(NM 009818) was amplified by PCR and cloned in phase between the XhoI
and BamHI sites in N-terminal of the Lysine-containing sequence recog-
nized by Bir A, replacing the MalE coding sequence. A 6His coding se-
quence followed by a stop codon was added in C-terminal of the αE-catenin
sequences. Unique KpnI and ApaI sites were introduced on both sides of
the recombinant αE-catenin thanks to the following forward: 5’ctggtggctc-
gagcggtaccggcggagagctggcatacgct 3’, and rearward: 5’atgaccgacttcacccgag-
gcaaagggcccggggccgggcatcatcaccatcaccattgaggatccatcatc 3’ primers.
We then derived by PCR from this WT Biot-αEcat-6His construct, des-
ignated WT αCM throughout this study, a L344P Biot-αEcat-6His named
thereafter L334P αCM bearing the L344P point mutation in the VBD do-
main reported previously to impair vinculin binding [90]. A 3x WT αCM
Biotin and 6His tagged construct, bearing tree repeats of the KpnI-ApaI
fragment, was also constructed in the pDW363 vector by combination of
PCR amplification and In-Fusion recombination (Clontech). All constructs
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were validated by full sequencing of the open reading frame. Recombinant
Biot-6His fusion proteins were expressed in Escherichia coli BL21 strain
and purified using Protino R© Ni-TED columns (Macherey-Nagel). Protein
purity was evaluated by SDS-PAGE electrophoresis and protein concentra-
tion measured using absorbance at 280 nm.
2.3.2 Force calibration
As described in the last section, the magnetic strength was calibrated for
each magnetic bead stretched in the experiment. Force applied to the bead
was measured at 6 different magnet positions by observing bead fluctuation
at the Y axis for ∼100s. In these magnet positions, the forces applied to
the beads were below 10 pN, allowing accurate measurement of force.Then
the measured forces were fit to (2.20) to obtain the scaling parameter for
the magnet strength of the bead (Fig. 2.11).
Figure 2.11: Calibration of the strength of individual magnetic beads.
For each tethers in the experiment, the strength of the magnetic bead was
calibrated by measuring the applied force at several magnet positions at
low force, then fit them to equation (2.20)
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2.3.3 Data-analysis
Raw data obtained from the tweezers setup is in the format of extension
time series with sampling rate of 200 Hz. Unfolding steps of the tether
were extracted from the extension data using an in-house Matlab program.
Briefly, a delta-function was calculated from the raw time lapse exten-
sion data. Candidate unfolding step positions were picked by peaks in the
delta-function with height above a threshold of 10 nm. To determine the
unfolding step size, the data points across the individual steps were fitted
to a Heaviside step function with an additional linear term that take into
account the continuous extension increase due to force change in the force
scans. Finally a t-test was carried out to test the height difference be-
fore and after the individual identified steps. Only statistically significant
(p-value < 0.01) steps were considered.
2.3.4 Hidden Markov models
The two state fluctuation data measured in the constant force experiment
was analyzed using a two state modified hidden Markov model (MHMM)
. In this model, the sequence of fluctuations were considered to have an
underlying emission distribution. The Viterbi algorithm was used to find
emission distribution and the corresponding state sequence with maximum
likelihood [118]. The sequences of detected life times of unfolded and folded
states at various forces were obtained from the assigned MHMM state se-
quences. They were fitted to an exponential distribution to obtain the
characteristic dueling life time τfor each state. The unfolding and refolding
transition rates at a given force were calculated as the inverse of the fitted
characteristic life time of the unfolded and folded states. As a approxima-
tion, these force dependent folding and unfolding rates were fitted to Bell’s








2.3.5 Bioconjugation and surface chemistries
In magnetic tweezers experiments, the molecule of interest needs to be
immobilized in between glass cover-slips or magnetic beads. Strong and
specific immobilization was critical to obtain high-quality data and im-
prove experimental throughput. Both protein construct design and surface
chemistry are very important for achieving this. In my experiment three
bioconjugation methods were utilized - biotin-sptreptavidin, NTA-Histag
and Halotag-Halotag ligand. Attached is the surface preparation protocol
for the histag and halotag chemistries.
Coverslip cleaning:
1. Incubate 7 glass coverslip in 5% decon 90 overnight followed by 30
min ultrasonic cleaning
2. Rinse the coverslips extensively with DI water
3. Ultrasonic clean in acetone for 30 min, rinse with DI water
4. Ultrasonic clean in isopropanol 30 min, dry by N2
5. Oxygen plasma treatment for 15 min
Coverslip Silanization:
1. Incubate the coverslip with 1% APTES in 95% methanol 5% acetic
acid for 20 min, do a 1 min ultrasonic in between
2. Wash the coverslip with methanol for 5 times, dry by N2
3. Cure in 100 degree oven for 1 hour
NTA channel
1. Make flow channel with silanized coverslips, make wells with silicone
glue.
2. Wash the channel with 1 ml of 2x PBS
3. Flow in 125ul 0.7% glue incubate for 3 hours
4. Wash with 1 ml of 2X PBS
40
5. Flow in 100x diluted 3 um amine coated poly beads incubate for 20
min
6. Flow in 200ug/ml NH2-NTA in 2X PBS 50 um each incubate overnight
7. Flow in 1M Tris pH 7.0 for two hours, wash with DI water
8. Flow in 0.4% CuSO4 (filtered) in DI water, incubate for 20 min, wash
by DI water
9. Flow in 1% BSA 0.02% Tween-20 in 2X PBS. Incubate overnight
HALO channel
1. Make flow channel with coverslips, make wells with silicone glue. Let
the glue dry at least overnight.
2. Wash the channel with 1 ml of 2x PBS
3. Flow in 125ul 0.7% glue incubate for 3 hours
4. Wash with 1 ml of 2X PBS
5. Flow in 100x diluted 3 um amine coated poly beads incubate for 20
min
6. Flow in 200ug/ml NH2-HALO tags in 2X PBS 50 um each incubate
overnight
7. Flow in 1M Tris pH 7.0 for two hours, wash with DI water




Force response of talin rod and
α-catenin
3.1 Introduction
We hypothesize that the mechanosensitivity of both talin and α-catenin
arise from conformation changes of its structure upon biding of mechanical
forces. It is therefore important to understand the force responses of the
two proteins. The force ranges that induce the conformation changes for
the two proteins must be sufficiently low such that it can be generated by
actomyosin contractions. In order to test this, we set out to examine the
mechanical properties of talin and α-catenin.
In previous studies of talin rods mechanical stability [75], the conforma-
tional changes of talin at < 20 pN were not measured. Therefore, neither
the forces required to initiate vinculin binding nor the force-dependent talin
conformations necessary to facilitate vinculin binding are known. The re-
cent completion of the domain structure of talin [68] identified that the
N-terminal compact region of the rod, R1-R3, is most likely to change
conformation in response to mechanical force due to its more compact ar-
rangement, thus this region of talin rod is one of the main focus of this
study. In addition to the R1-R3 domain, other domains of talin rod trans-
mit mechanical forces and their force responses are required for the full
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description of talin’s mechanical properties. Therefore, the force responses
of talin domain R6-R8, R7-R9 and R9-R12 in the force transmission region
of talin were investigated as well.
To study the mechanosensitivity of α-catenin, the α-catenin central do-
main (αCM) constructs containing the key hypothesized mechanosensing
domains are used in this study instead of full length proteins to avoid com-
plications such as the α-catenin dimerization facilitated by its N-terminal
dimerization domains [37].
Since the forces applied to both talin and alpha catenin are believed
to be transmitted from N-terminal to C-terminal in vivo [38,68], and both
talin rod domain and αCM domain have minimal interaction with other
domains in talin and α-catenin, the force geometry will be the same as in
the case of full-length proteins.
3.2 Results and Discussion
3.2.1 The force response of talin rod domain
Talin R1-R3 domain unfolds in three characteristic steps
Figure 3.1: Sketch of the conformation changes of talin R1-R3 domain
under mechanical force
Talin rod domains can exist in three structurally distinct conformations
under force (Fig. 3.1): (i) Folded α-helix bundles under low forces, where
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the VBS are buried and inaccessible. (ii) An extended chain of α-helices,
where the VBS are exposed under intermediate force. (iii) A fully unfolded
polypeptide chain under high forces. Prior to this work the forces at which
these conformations occur and how they are coupled to vinculin binding
have not been investigated.To characterize the force-dependent conforma-






Figure 3.2: The schematic figure of experimental setup for talin stretching
Wild type talin R1-R3 domain (Residue 482-911) with domain bound-
ary defined in the recent publication [68] was specifically linked between
the coverslip and magnetic bead were stretched using a force cycle pro-
cedure, which consist of a force-increase step followed by a force-decrease
step. In the force-increase step, applied force was increased linearly with
time at a constant loading rate until the talin rod was fully unfolded. In
the subsequent force-decrease step, force was decreased exponentially with
time until a force of 0.5 pN was reached. At 0.5 pN, the tether was held for
1 minute to allow refolding of the talin domains. This force cycle procedure
can be repeated on a single talin tether for hundreds of times.
At a loading rate of 5 pN/s in the force-increase procedure, we found
that R1-R3 began to unfold at ∼ 5 pN and was completely unfolded at
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Figure 3.3: Force cycle experiments of the talin R1-R3 domain.(A)The
timelapse plot of a single force cycle experiment on talin R1-R3.(B)The
force-extension curve of the unfolding phase 5 consecutive force cycles on
a single talin R1-R3 tether
∼ 25 pN. This chosen loading rate is in-line with current estimates of the
physiological loading rate at focal adhesions [48]. When force is reduced
in the force-decrease procedure the completely unfolded talin rod fragment
refolded within one minute at 0.5 pN (Fig. 3.3(A)). Additionally, we re-
producibly observed three major unfolding steps during each subsequent
force-increase procedure after talin rod refolding, which were distinct in
both unfolding forces and step sizes (Fig. 3.3(B)). These distinct unfolding
steps were observed in >10 independent experiments using different talin
rod tethers (Fig. 3.4). We also compared the unfolding force profile of our
construct (residue 482-911) with the construct used in previous studies of
talin stretching (residue 482-889) [75] and no significant differences were
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found (Fig. 3.5(A) and Fig. 3.5(B)).
Figure 3.4: 2-D histogram of the unfolding force and unfolding size of
WT talin R1-R3 domain. The data was collected from >10 independent
talin tethers and > 60 force cycles.
Figure 3.5: Unfolding force histogram of the two wild type talin R1-R3
constructs at 5 pN/s constant loading rate. (A):The 482-889 construct that
was described previously [75].(B) The wild type full domain of R1-R3 with
newly refined boundaries [68].
The unfolding size of the three major unfolding steps adds up to the
domain size of R1-R3 domain of talin (422 a.a) and are consistent with pre-
vious MD simulations where TR was split into three sub-bundles unfolded
separately [74].
The R3 domain of talin unfolds first at ∼5 pN force
Interestingly, equilibrium unfolding/refolding fluctuations were observed
when the talin rod fragment was held at constant forces near 5 pN with a
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unfolding step of ∼18 nm (Fig. 3.3(A) and Fig. 3.6), suggesting that the
initial unfolding event is dynamic, and can readily refold in the absence of
other factors. Unfolding at 5 pN is of biological interest as it is close to the
forces that can be applied by a single myosin molecule and may be related
to initial recruitment of vinculin to talin [119,120].
This transition has a low kinetic barrier, indicated by rapid fluctuations
between two states when constant forces ∼5 pN were applied (Fig. 3.6(A)
and Fig. 3.6(B)). An equilibrium free energy difference of ∆G ∼ 20 kBT
was calculated from the data with an unfolding and refolding transition
distances of δxu‡ ∼ 7.3 nm andδxf‡ ∼ 9.4 nm, respectively based on Bell’s
model (Fig. 3.6(C)). The other two major unfolding events with 30-45 nm
step sizes at larger forces (15-25 pN) are not reversible at the respective
unfolding forces; therefore, the free energy changes during the transitions
were not determined.
Previous biochemical analysis of talin identified four threonine residues
buried in the hydrophobic core of R3 (Fig. 1.4(B)) that destabilize the
bundle, suggesting that R3 is likely to be the first to recruit vinculin in
response to the initial weak forces exerted on nascent adhesions [68]. Mu-
tation of these threonines to hydrophobic valine and isoleucine residues
(T809I/T833V/T867V/T901I; the IVVI mutant, Fig. 1.4(B)) markedly
stabilized the bundle with minimal effects on its overall structure [68].
Furthermore, this increase in domain stability had a dramatic effect on
vinculin binding to R1-R3, requiring incubation at higher temperatures to
bind vinculin. To directly test the hypothesis that R3 provides the initial
site for vinculin recruitment in response to the initial weak forces, we in-
vestigated the force response of the R1-R3 IVVI mutant and compared it
with wild-type (WT) R1-R3.
The unfolding profile of the R1-R3 IVVI mutant stretched at 5 pN/s was
similar to that observed for the WT R1-R3 in that we observed three dis-
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Figure 3.6: The two state fluctuations of talin R3 domain at near 5 pN
force. (A):Typical extension time courses of talin rod (black) at forces
∼ 5 pN. Two-state fluctuations between two distinct extension values were
revealed with a sampling rate of 200 Hz. The red line represents digitalized
two-state fluctuations by a modified hidden Markov model and the distance
between the two states were fitted to ∼18 nm (MHMM) .(B) The wild type
full domain of R1-R3. (C)The linear fits of the logarithm of the unfolding
(red) and refolding (blue) rates (reciprocals of the dwelling times at the
folded and unfolded states, respectively) calculated from the digitized two-
state fluctuation. The error bars denote 95% confidence interval of the
refolding rate estimates. From the slopes the unfolding transition distance
(δxu‡) and refolding transition distance (δxf‡) are determined to be 7.3
nm and 9.4 nm, respectively.
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Figure 3.7: Unfolding force histogram of the wildtype and IVVI mutant
talin R1-R3 domains of talin at 5 pN/s constant loading rate. (A):The wild
type full domain of R1-R3. (B):The IVVI mutant of full R1-R3 where the
R3 domain is stabilized [68]
crete unfolding steps Fig. 3.7(B). However, whilst the two peaks at higher
forces remain comparable to WT R1-R3 the peak that unfolds at lowest
force shifted from ∼5 pN to ∼8 pN, which is significantly greater than our
< 5% relative errors in force calibrations(Fig. 3.7).
This suggests that the unfolding observed at 5 pN corresponds to the
talin R3 domain and confirms R3 as the initial mechano-sensing domain in
the compact N-terminal region of talin.
The force response of other talin rod domains
Our results suggest that each domain in R1-R3 has a unique response to
mechanical force with the three unfolding steps most likely corresponding
to unfolding of the three rod-domains. In particular, R3 domain has a
striking susceptibility to unfolding in response to weak mechanical forces
of ∼5 pN, suggesting it might be the initial domain that is activated for
talin binding. From the structures of the talin domains, the R1-R3 domain
folded compactly and the rest of talin domains adopt a more extended
conformation suited for force transmission [68]. In order to confirm this
idea, we investigated the mechanical response of other segment of talin
rod.
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We carried out force cycle experiments on the talin R9-R12 and R7-R9
domains using a 4 pN/s unfolding loading rate. Consistent with this idea,
the majority of unfolding steps for both domains happen at forces larger
than 10 pN (Fig. 3.9 andFig. 3.8).
The R9-R12 region of talin rod consist of four consecutive five-helix
bundles domains with similar size [68]. Fig. 3.8(A) shows the unfolding
force-extension trace of five consecutive force-cycles with 4 pN/s loading
rate. Similar to the R1-R3 domain of protein, R9-R12 can repeatedly
unfold and refold in a highly reproducible manner. The corresponding
contour length of the unfolding steps showed a single peak ∼ 60 nm, which
fit well with the domain sizes of the five-helix bundles. And the unfolding
forces peaked at 15 pN (Fig. 3.9(B)).
Figure 3.8: Unfolding force responses of the R9-R12 region of talin rod.
(A) Force-extension curves of the unfolding traces five repeated unfolding-
refolding force cycles of talin rod R9-R12 construct at 4 pN/s loading rate.
(B) The force and corresponding contour length histogram of talin R9-R12
The R7-R9 domain of talin contains two five-helix bundles (R7, R9) and
one four-helix bundle (R8). R3 and R8 are the only two four-helix bundles
in talin rod domain [68]. The two domains should have a similar mechan-
ical property. Interestingly, in the R7-R9 construct all domains unfold at
> 10 pN forces. In addition, this construct typically unfold in two steps
(Fig. 3.9(A)) - one step with corresponding contour ∼ 60 nm that corre-
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sponds one talin rod domains, another step with corresponding contour ∼
120 nm implying spontaneous unfolding of two talin rods(Fig. 3.9(B)). By
closer examine the structure of talin R7-R9 domain, we found that the R8
domain extends from R7 domain and is out side of the force transmission
chains [68]. The data suggests that the four-helix bundle R8 domain is me-
chanically protected by the five-helix R7 domain. As many proteins such
as RIAM and DLC1 only bind to intact talin four helix bundles [68, 121],
this structural arrangement might have great biological importance. More
work is currently undergoing to study this feature in detail.
Figure 3.9: Unfolding force responses of the R7-R9 region of talin rod.
(A) Force-extension curves of the unfolding traces five repeated unfolding-
refolding force cycles of talin rod R7-R9 construct at 4 pN/s loading rate.
(B) The force and corresponding contour length histogram of talin R7-R9
3.2.2 The force response of αE-catenin
αCM unfolds in three characteristic steps under force
In order to experimentally test the hypothesis that the modulation domain
of αE-catenin (αCM) containing the VBD-MII-MIII helix bundles can unfurl
upon application of physiological-range forces [37], we first investigated the
force response of αCM domain of mouse α E-catenin (275-735), produced
with a biotin tag at the N-terminal and a 6-His tag at the C-terminals using
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magnetic tweezers(Fig. 3.10). The extension change of the αCM molecule
were measured based on the diffraction pattern of the bead at a sampling
rate of 200 Hz with nanometer resolution [115].
Figure 3.10: Experimental setup of αCM stretching.
To obtain a mechanical characterization of the molecule, single αCM
tethers were submitted to force scanning cycles similar to the stretching
experiments on talin rod. In each cycle, force was increased at a con-
stant loading rate of 4 pN s-1 from ∼ 1 pN to ∼ 40 pN, then followed
with a force-decrease step, reducing force exponentially with time back to
< 1 pN that minimizes duration of the tether being held at large forces
(Fig. 3.11(A)). The chosen loading rate of 4 pN s-1 is within a physiolog-
ically relevant range, as recently estimated for integrin stretching during
cell retraction [48]. During the force-increase step, we identified unfold-
ing events by sudden increases in the extension of the αCM tether, while
we identified refolding events during the force-decrease step by sudden de-
creases in extension. To allow refolding of the αCM molecule following the
force-decrease step, we held the αCM tether at < 1 pN for 1 minute. Dur-
ing this period of time, the refolding of αCM appeared taking place with a
>90% probability (Fig. 3.12). The unfolding and refolding force-responses
that we observed indicate that αCM behaves like a nonlinear spring, which
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may be important for its potential in vivo function as a mechanosensor.
In a typical force-increase scan, we found that the αCM unfolded in three
characteristic steps (Fig. 3.11(A)). Because both extension and force at any
time were known, the time traces of extension and force could be converted
into force-extension curves (Fig. 3.11(B)). Representative unfolding and re-
folding force-extension curves obtained during successive force cycles on a
single αCM tether shows remarkable reproducibility(Fig. 3.11(B)). We con-
firmed this reproducibility on multiple (> 10) independent αCM molecules.
At a constant loading rate of 4 pN s-1, the first step occurred at 5.2 ± 0.7
pN (mean ± std) and involved a reversible extension change of 16.3 ± 4 nm
(mean ± std) between two conformational states, which can be understood
by unfolding the bundled α-helices in the VBD domain into a linear chain
of extended α-helices as discussed in the Discussion section. The insert in
Fig. 3.11(A) clearly shows that the extension of the tether fluctuates at
forces ∼ 5 pN indicating that the transition of the corresponding domain is
near equilibrium when the αCM tether is subjected to this force magnitude.
The two higher force steps were overlapping at about 12.5 ± 2.0 pN and
had similar step sizes of 23.3 ± 6.6 nm corresponding to 105 ± 30 residues.
These unfolding sizes fit the domain sizes of αCM (VBD: 277-393,MII-MIII:
396-631, Fig. 3.11(A)) [83, 122]. As the unfolding forces of the two higher
force steps were close to each other, they could combine into a single large
step of ∼ 50 nm. During the following force-decrease scan, we observed
two apparent refolding steps at low forces, one at ∼ 5 pN, and another at
∼ 2 pN (Fig. 3.11(A)).
Force of ∼ 5 pN unfurls the MI domain exposing the vinculin
binding site
The co-existence of unfolding and refolding steps of same sizes around 5
pN during the stretching process suggests that it corresponds to a near-
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Figure 3.11: Force responses of wild type αCM. (A) Extension change of
αCM recorded at 200 Hz in a typical force cycle experiment. During the
stretch phase (force-increase) at a loading rate of 4 pN s-1, an unfolding
step was observed at ∼ 5 pN (blue box), and two additional ones occurred
at higher forces (∼ 15 pN) (red box). Two refolding events, one at ∼ 5
pN with > 20 nm and another at ∼ 2 pN with > 10 nm, were observed
during relaxation (force-decrease). The inset shows that the extension at ∼
5 pN is reversible. (B) Four force-extension curves recorded in four sequen-
tial stretch-relax cycles. The stretch curves are indicated in color, while
the relax curves are indicated in grey scale. Unfolding steps are marked
by up-arrows and refolding steps are marked by down-arrows. Data in (B)
are smoothed using 0.05-second time intervals.(C)The two-dimensional dis-
tribution of unfolding force and unfolding/refolding step size of the WT
αCM stretched at 4 pN s-1 constant loading rate. Positive/Negative step
sizes denote the spontaneous unfolding/refolding events observed during
the stretching process at ∼ 5 pN force range. The top panel shows the
histogram of unfolding forces while the right panel shows the histogram of
unfolding/refolding step sizes. Data in (C) were obtained from six inde-
pendent tethers in 92 unfolding/refolding cycles with 359 transition events.
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Figure 3.12: 32 repeated unfolding-refolding force cycles on a single
αCM tether with 4 pN s-1 unfolding force cycle. The characteristic un-
folding/refolding patterns of αCM persist through the force cycles.
equilibrium transition operating in this range of forces (Fig. 3.11(A)). Again
we were particularly interested in this transition because its force depen-
dence is close to the range of forces generated by a single myosin mo-
tor [119]. If this transition is near-equilibrium in this range of forces it
should be largely insensitive to loading rate. To further demonstrate the
reversibility of this transition, constant force experiments were carried out
in the 4-5 pN range (Fig. 3.13(A)). Slight increase in force from ∼ 4.1 pN
to ∼ 4.8 pN switched the predominant folded state to the predominant
unfolded state. Analysis of the dwell times of each state determined the
force-dependent unfolding and refolding transition rates and a critical force
of ∼ 4.7 pN (Fig. 3.13(B)). These results confirmed that the ∼ 5 pN transi-
tion was insensitive to loading rate in the range tested and reversible around
a force of 5 pN, which may be important for physiological myosin-driven
conformational switch of α-catenin.
It is of interest to see whether this structural transition at 5 pN is
related to vinculin binding and mechanosensitivity of α-catenin. A point
mutantion (L344P) on the vinculin binding sites of α-catenin have been
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Figure 3.13: Unfurling of αCM and ∼ 5 pN forces.(A)Stepwise extension
fluctuation of αCM at constant forces near 5 pN. Raw data are shown in
red, and the black lines are fitted states using Hidden Markov method. (B)
Dependence of unfolding/refolding rate and force. The unfolding (red) and
refolding (black) rates at a given force were obtained from Hidden Markov
model. By fitting the data to Bell’s model, the distance to the transition
states is δxu‡ = 8.2 nm and δxf‡ = 7.4 nm for unfolding and refolding
steps. The unfolding and refolding rates of the 5 pN unfolding peaks at
no force was determined to be K0u = 0.0007s
−1,K0f = 33000s
−1. The data
were obtained from two independent tethers.
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identified in previous studies that can abruptly bend the vinculin binding
helix of α-catenin and inhibit vinculin binding [90]. We repeated the force-
cycling experiments on this L344P αCM mutant. Interestingly, the 5 pN
reversible unfolding/refolding step was not observed with the mutant pro-
tein (Fig. 3.14) indicating that the native VD1 binding α-helix was required
for proper unfolding/refolding of αCM at ∼ 5 pN. It further suggested that
the transition at ∼ 5 pN involves the unfurling of the VBD domain allowing
the formation of the vinculin binding α-helix.
Together with data obtained from L344P mutation and VD1 binding
studies, the ∼ 16 nm step involved in this transition is consistent with a
picture that the disruption of the inter-domain interactions at ∼ 5 pN leads
to a subsequent unfolding of the MI/VBD α-helix bundle. The extension of
an unfolded peptide in random coil and in α-helix conformations are similar
- ∼ 17 nm estimated for a chain of extended helices with total ∼ 32 helical
turns of 116 residues in the MI domain, and ∼ 15 nm of the same number
of residues in the random coil conformation at ∼ 5 pN estimated based on
the worm-like chain polymer model with a bending persistence length of ∼
0.5 nm (reported from 0.4-0.6 nm) [123–125].
Altogether, the highly reproducible force-extension curve we observed
characterizes the mechanical response of αCM, and can serve as the basis
for further analysis of the force-dependent interaction between αCM and
the VD1 domain of the vinculin head.
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Figure 3.14: The force responses of L344P mutant of αCM.(A)Typical
force-extension curves obtained from four force cycles for L344P αCM mu-
tant on a single tether. The red up-arrow marks the missing ∼ 5 pN
unfolding step. (B) Two-dimensional distribution of unfolding force and
unfolding/refolding step size of the L344P αCM stretched at 4 pN s-1 con-
stant loading rate. Positive/Negative step sizes denote the spontaneous
unfolding/refolding events observed during the stretching process. The top
panel shows the histogram of unfolding forces while the right panel shows
the histogram of unfolding/refolding step sizes. Data were obtained from
7 independent tethers in 73 unfolding/refolding cycles with 153 transition
events.(C) Percentages of force cycles where unfolding events at <7.5 pN
and > 7.5 pN were observed for WT and L344P αCM at 4 pN s-1 constant
loading rate. The significance indicated by the asterisks is based on p-value
calculation from the Chi-square test with the null hypothesis that the per-
centages of the unfolding events are independent of L344P mutation. Four
asterisks denote a p-value smaller than 0.0001. The WT data was collected
from 6 independent tethers and L344P data was collected from 7 indepen-
dent tethers. n denotes the number of force cycle performed. The error




vinculin binding to talin and α-
catenin fine-tuned by mechani-
cal forces
4.1 Introduction
Previous cell biology and structural studies suggested that the talin rod
domain and α-catenin are mechanosensitive, that applied forces can expose
cryptic vinculin binding sites on the two proteins and promote vinculin
binding [37, 74]. This hypothesis was experimentally tested for talin rod
domains by Mike Sheetz lab [75]. Through counting the number of photo-
bleaching events produced by fluorescent labeled VD1 bound to relaxed or
stretched talin R1-R3 domain, they showed that more VD1 bound to talin
under 12 pN of applied force [75]. It was proposed that α-catenin uses a
similar mechanism to fine-tune vinculin binding but it is untested so far.
To our best knowledge, currently there are no direct measurement so far
reporting the interplay between vinculin and the force-dependent confor-
mations of talin and α-catenin. As these interactions play crucial roles in
the regulation of cell-matrix and cell-cell adhesions, it is of interest to un-
derstand their molecular mechanisms in detail. With mechanical properties
of talin rod and α-catenin characterized, this chapter focuses the effects of
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vinculin binding on the conformations of talin rod and α-catenin.
4.2 Results and discussion
4.2.1 The effects of VD1 domain binding on the effect
of talin rod
Vinculin head binds to the unfolded talin rod and inhibits domain
refolding
Overexpression of the vinculin head domain, VD1, in vivo leads to elon-
gation of talin [70]. However, it is unclear whether this elongation is due
to direct binding of VD1 to talin, and we therefore sought to examine how
VD1 interacts with talin. In last chapter we showed that in the absence of
VD1, talin R1-R3 shows three discrete unfolding events during each force
increase scan(Fig. 3.3). To determine whether talin rod unfolding requires
force or can be induced by VD1, we repeated this experiment in the pres-
ence of 10 nM VD1. We found that talin R1-R3 remained folded at low
force, until higher forces were applied where we observed three discrete un-
folding events (Fig. 4.1(A)) similar to that observed in the absence of VD1.
However, after the talin rod was unfolded in the first force-increase scan,
unfolding events were not observed in subsequent force cycles. This VD1-
dependent decrease in talin rod unfolding frequency can be explained by
VD1 binding to mechanically exposed VBS. In this scenario, association of
exposed VBS with VD1 inhibits talin rod refolding at low force. Therefore,
in the next force-increase scan, the bundle is already unfolded (and bound
to vinculin), and as such, the corresponding unfolding step is absent. These
results indicate that mechanical stretching, rather than vinculin head con-
centration triggers the unfolding of the talin rod and that once bound, VD1
inhibits talin rod refolding at low forces.
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To see whether this suggests that unfolding R3 alone could trigger VD1
binding, we performed a force cycle experiment across a low force range (1
– 7 pN) over which only R3 would be expected to unfold. In the absence
of vinculin the unfolding step corresponding to R3 is clearly visible in each
cycle (Fig. 4.1(B)). However, upon addition of 10 nM VD1 the unfolding
step is lost in all subsequent cycles confirming that VD1 can bind to the
unfolded R3 at < 7 pN force and remains bound across this force range.
To further examine how VD1 binds to the mechanically unfolded talin
rod and to determine how bound VD1 affects refolding of the talin rod at
low forces, we repeated the force cycling experiment in the presence of 1
nM VD1. Under these conditions, we found that the overall frequency of the
unfolding events was reduced (Fig. 4.2(B) and Fig. 4.2(D)). Additionally,
we found that at a higher concentration of VD1 (10 nM), the frequency of
unfolding at > 15 pN forces was reduced by > 90%, although some unfold-
ing events were still observed at low forces (Fig. 4.2(C) and Fig. 4.2(D)).
These residual unfolding events occurs at similar force to the initial un-
folding event in R1-R3 when R3 unfolds at ∼ 5 pN (Fig. 4.2(A)). However,
the residual unfolding events at low forces were not observed when only R3
domain is unfolded and bound with VD1 Fig. 4.1(B). This indicates that
upon unfolding all three domains are bound to vinculin and the residual
unfolding events observed at low forces in Fig. 4.2(D) are likely due to
weak associations of some exposed talin helices in the completely unfolded
R1-R3.
The fact that we observe an inhibitory effect on talin rod refolding at
VD1 concentrations as low as 1 nM, suggests high affinity VD1 binding to
exposed VBS in the nM range of the dissociation constant (Kd) although it
is striking that we do not observe VD1 binding in the absence of force. This
high binding affinity may be relevant to the ability of the talin rod to ac-
tivate vinculin by competing off the auto-inhibited head to tail association
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Figure 4.1: Mechanosensitivity of talin rod. (A) After incubation with
10 nM VD1, the characteristic unfolding steps were observed in the first
force-cycle stretching (red). Unfolding events were absent in subsequent
force-cycles (black), indicating complete inhibition of talin rod refolding by
VD1 bound to mechanically exposed VBS in the first force-increase scan.
(B) R3 can be activated for VD1 binding at less than 7 pN of force. Force
cycle experiments between 1 and 7 pN for a single WT R1-R3 tether in the
absence (colored traces) or in the presence (grey traces) of 10 nM VD1.
of full-length vinculin.
In addition, we found that at low force, the talin rod extension was
higher in the presence of VD1, at both 1 and 10 nM concentrations, than in
its absence (Fig. 4.2). The longer extension of the talin rod at low force in
the presence of VD1 can be explained by vinculin binding which locks the
talin rod in an unfolded conformation.
Overall, multiple talin rod stretch-relaxation cycles in the presence of
VD1 show that stretch exposes otherwise buried VBS in the talin rod. Fur-
thermore, VD1 binding inhibits the refolding of the talin rod and a force of
less than < 7 pN is sufficient to initiate this process.
Vinculin head dissociates from talin at > 30 pN forces
VD1 binds to VBS when they are in the α-helix conformation. However,
at sufficiently large forces, the α-helices become unstable, which may re-
sult in a helix-to-coil transition [123,128]. Therefore, at a sufficiently high
force, VD1 dissociation should occur as the VBS unfolds, accompanied by
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Figure 4.2: Concentration dependence of VD1 binding to talin R1-R3
domain. (A) , (B) and (C) Five representative unfolding force-extension
curves selected from > 30 force cycles with 0 nM, 1 nM and 10 nM VD1
respectively. The insets in (B) and (C) show the additional unfolding peaks
of ∼ 3 nm at high forces that only observed in the presence of VD1 in
the solution. (D) Histogram of talin rod unfolding forces at different VD1
concentrations obtained from two independent talin rod tethers, normalized
by the number of stretch-relaxation force cycles. The histograms were
collected from 2 independent tethers.
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Figure 4.3: VD1 dissociate from talin rod at high forces. (A) Crystal
structure of VD1 binding to a VBS peptide. The VBS peptide adopts
α-helix conformation in the bound form. This illustration is made with
VMD program [126] based on PDB structure 1SYQ [127]. (B) Time-lapse
data of talin rod in 0 nM (red) and 10 nM (black) of VD1 during force
jumping between 6 pN for 1 min, during which no domain refolding was
observed (pink/grey), and 40 pN for 5 s (red/black). For clarity, the curves
are shifted along the extension-axis to avoid overlapping. Inset shows his-
togram of the unfolding step sizes at 40 pN. (C) Number of VD1 dissociation
events observed with the same procedure as in (B) as a function of VD1
concentration. Error bar denotes standard deviation.
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a small unfolding step due to the extension that occurs during the subse-
quent VBS helix-to-coil transition. This dissociation force should be higher
than the helix-to-coil transition force of the VBS in the absence of bound
VD1, as overcoming the binding energy between VD1 and the VBS requires
additional work. Consistent with these predictions, in the presence of VD1,
small unfolding steps (∼ 3 nm) were often observed at forces > 25 pN
(Fig. 4.2(B) and Fig. 4.2(C)). These unfolding step sizes are consistent
with the estimated extension increase from helix-to-coil transitions of one
VBS at 20-40 pN (See Strategy and Methods). Furthermore, using a force
jump protocol where, at 10 nM VD1 concentration, a talin rod molecule
was unfolded by a large force of ∼ 40 pN, we can clearly observe vinculin
head dissociation events, indicated by the characteristic ∼ 3 nm unfolding
steps (Fig. 4.3(B)). The frequency of these high-force dissociation events in-
creases with increasing vinculin concentration (Fig. 4.3(C)) and the typical
number of dissociation events detected is 2-3. As R1-R3 contains five VBS
this suggests that either not all the VBS are engaged, or the force applied
is not sufficient to displace vinculin within the duration of the experiment
(5 seconds). However, in a few cases where the attachment of the protein
to the cover slip was strong enough to withstand higher forces (Fig. 4.4),
up to five dissociation events were observed by ∼ 50 pN consistent with
maximal vinculin binding. Taken together, these results indicate that VD1
binding to exposed VBS can be reversed at large forces.
To find the maximal force at which vinculin heads can bind to talin rod,
we gradually decreased the force from 50 pN, the force at which bound
vinculin heads are dis-placed and the talin rod helices are unfolded into
peptide chain, to 5 pN at a loading rate of -0.1 pN/second in the presence of
100 nM VD1. We found that stepwise binding and unbinding of VD1 began
at ∼ 35 pN, indicated by a two-state stepwise extension fluctuation with
a step size ∼ 3 nm (Fig. 4.5(A)). Additionally, the fraction of the vinculin
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Figure 4.4: Five VD1 dissociation events were observed. Force jumping
experiment on a strong talin R1-R3 tether in 100 nM VD1 where five VD1
dissociation events were observed (red). For comparison, a curve obtained
from the same talin R1-R3 molecule before VD1 was introduced was shown
in black.
head-bound state increased as the force decreased. At forces below ∼20
pN, the bound state predominated. In this force-decrease scan, three net
binding events of vinculin heads were observed, which were confirmed by
three unbinding events when force was subsequently increased to ∼44 pN
(Fig. 4.5(A) insets). Fig. 4.5(B) shows a typical long time course of the
talin rod extension fluctuation obtained at a constant force of ∼ 22 pN,
involving binding and unbinding fluctuations of two vinculin heads which
lead to three distinct extension states.
VD1 binds to different talin rod vinculin binding helices likely with dif-
ferent affinities. This can explain the large force range (40 – 20 pN) where
sequential binding of vinculin heads was observed when force was gradually
reduced.
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Figure 4.5: Detecting the binding of vinculin head to the peptide chain
of unfolded vinculin binding α-helices at high force in 100 nM VD1. (A)
A slow force-decrease scan from ∼44 pN to ∼10 pN at a loading rate -0.1
pN/second followed by a force jump to 44 pN. The net VD1 binding events
are indicated by arrows. Insets shows zoom-in time traces for clarity. (B)
VD1 binding and unbinding fluctuation at a constant force ∼ 22 pN in
another independent experiment.
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4.2.2 Force dependent interaction of vinculin head to
αCM
VD1 binds stretched αCM and inhibits MI domain refolding
In chapter 3, the force responses of αCM were investigated and the near-
equilibrium structural transitions at ∼5 pN were linked to the MI domain
that contains the vinculin binding site. To test the effect of vinculin binding
on the force dependent conformation of αCM, we investigated the effect of
VD1 on the force-responses of αCM. We carried out force cycle experiments
in the presence of VD1 in the solution. In a typical force cycle in the presence
of 10 nM VD1, the ∼ 5 pN unfolding step disappeared in the force-increase
phase, while the two unfolding steps at 10-18 pN remained (Fig. 4.6(A)).
In the force-decrease phase, we observed a small (∼ 2.5 nm) step at ∼ 9
pN, which was not observed in the absence of VD1, followed by two larger
(> 15 nm) steps at lower forces also observed in the absence of VD1.
Fig. 4.6(B) shows unfolding force distributions normalized by the num-
ber of force cycles at different VD1 concentrations recorded during force-
increase phases on a single tether with more than 30 unfolding events for
each condition, which clearly reveals that the frequency of the ∼ 5 pN
transition decreases as the VD1 concentration increases. Fig. 4.6(C) sum-
marizes results from eight different tethers recorded in the absence or in the
presence of VD1 at 1 nM and 10 nM concentrations. The ∼ 5 pN unfolding
events were significantly reduced in the presence of 1 nM VD1, and nearly
disappeared in the presence of 10 nM VD1. Similar results were obtained
at higher VD1 concentrations (Fig. 4.7).
Interestingly, we found an additional unfolding step at > 35 pN associ-
ated with a very small step size of ∼ 3.0 nm appearing in the presence of
VD1 in solution, which was not observed in the absence of VD1 (Fig. 4.6(A)
insets). Considering that high forces could favor a transition of the vinculin
70
Figure 4.6: Effect of VD1 on the unfolding/refolding of αCM. (A) Force-
extension curve of αCM in a typical stretch-relax force cycle in the presence
of 10 nM VD1. The inset shows a ∼ 3 nm VD1 dissociation unfolding
step at ∼ 37 pN. (B) Unfolding force histogram obtained from repeating
stretch-relax force cycles on a single αCM at different VD1 concentrations.
(C) Percentages of observed unfolding events at < 7.5 pN and > 7.5 pN
unfolding cycles at different VD1 concentrations. The significance indicated
by the asterisks is based on p-value calculation from the Chi-square test
with the null hypothesis that the percentages of the unfolding events are
independent on the VD1 concentration. Four asterisks denote a p-value
smaller than 0.0001. The data was collected from eight independent tethers.
The error bar denotes 95% confidence interval of probability estimation.
(D) Three force-extension curves recorded during three sequential stretch
processes between 1 and 9 pN in the presence of 0 nM VD1 (colored traces),
where only the ∼ 5 pN unfolding/refolding events occurred. After each
stretch, force was jumped to 0.1 pN for 1 minute for refolding before the
next stretch was performed in the presence of 10 nM VD1 (black and grey
traces). The ∼ 5 pN unfolding/refolding event was observed during the
first stretch cycle (black), but was lost in the subsequent three stretches.
Data in (D) are smoothed using 0.05-second time interval.
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binding α-helix from the VD1-bound state to a VD1-unbound, extended ran-
dom coiled peptide chain state, this step could be interpreted as the dis-
sociation of VD1 bound to the vinculin binding α-helix. Therefore, at a
sufficiently high force, VD1 dissociation should occur, accompanied by a
small unfolding step during the subsequent helix-to-coil transition of the
vinculin binding α-helix. The ∼ 3 nm unfolding step size observed at ∼ 39
pN was consistent with the estimated extension increase during helix-to-coil
transition of the vinculin binding α-helix at 30-40 pN.
The fact that we observed only one ∼ 3 nm unfolding step at high forces
again strongly indicated that a single VD1 binding helix exists in the αCM
construct, which was consistent with our photo-bleaching experiments [19].
Similarly, the ∼ 2.5 nm refolding step at ∼ 9 pN that we only observed in
the presence of VD1 may be due to the re-binding of VD1 to the unfolded
vinculin binding α-helix of αCM, which induces formation of the α-helix
structure of the vinculin binding site. Consistently, when experiments were
performed, at a lower concentration of VD1 (1 nM) to reduce the chance
of rebinding during force decrease, we observed that displacement of the
bound VD1 at high force could restore the ∼ 5 pN transitions (Fig. 4.7).
To investigate whether activation of VD1 binding to αCM requires or not
complete unfolding of αCM, we performed force-cycling experiments up to
9 pN at a loading rate of 4 pN s-1. We selected this maximal force because
it only allowed unfolding of the weakest domain at ∼ 5 pN. We found that
unfolding the weakest domain was sufficient to activate VD1 binding that
abolished the ∼ 5 pN unfolding/refolding events (Fig. 4.6(D)). The results
indicated that unfolding the VBD domain alone was sufficient to activate
VD1 binding. Taken together, these results suggested that the vinculin
binding α-helix in αCM could be reversibly exposed by mechanical force
of ∼ 5 pN. Additionally, they indicated that VD1 binding to the exposed
vinculin binding α-helix inhibited αCM refolding at low force, and that the
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Figure 4.7: Force-extension curves of a wild type αCM tether in two
consecutive unfolding cycles at 4 pN/s in the presence of low concentration
of 1 nM VD1. In the cycle indicated in red, the ∼ 5 pN unfolding step was
missing and a VD1 dissociation step was observed at ∼ 31 pN as shown
in the inset. In the following cycle (black), the ∼ 5 pN unfolding step
appeared as indicated by the black down-arrow. This result suggests that
displacement of the VD1 in the preceding cycle by high force restores the
∼ 5 pN transition steps in the subsequent cycle.
bound VD1 could be displaced at large forces.
VD1 binds to and locks αCM in its open conformation
To evaluate to which extent mechanical force increased the affinity of VD1
binding to αCM, we incubated αCM tethers in the presence of 10 – 100
nM VD1 at low force (1-2 pN) for 10 minutes before the first stretching.
Should VD1 spontaneously bind to the αCM tether at low force during the
time, we would expect to observe a loss of the ∼ 5 pN unfolding/refolding
step during the first force-increase scan. In three out of four independent
experiments, we observed the ∼ 5 pN transition and the two higher force
unfolding steps in the first force-increase scan (Fig. 4.8(A)), indicating that
no VD1 binding had occurred within 10 minutes incubation at ∼ 2 pN.
Additionally, we found that the∼ 5 pN transition was lost in the subsequent
force cycles, while the two higher force species remained. These results were
consistent with VD1 binding occurring after the first stretching procedure,
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which locked the vinculin binding α-helix of the MI domain in an open
state. In the fourth experiment at 100 nM VD1, the ∼ 5 pN transition
step disappeared in the first force-increase scan, indicating VD1 binding
prior to the force-increase scan. A close examination of the extension time
trace revealed that a spontaneous binding of VD1 occurred at ∼ 2 pN
at minutes after we introduced VD1 solution, as indicated by an abrupt
extension increase (Fig. 4.8(B)). As VD1 binds to unfolded αCM in seconds
under > 5 pN forces, these results indicated that mechanical forces above
5 pN strongly promoted VD1 binding to αCM.
VD1 bound to exposed VBD has an slow off-rate at low force
Then, to quantify the stability of VD1 association to mechanically exposed
VD1 binding α-helix under force, we carried out force-jump experiments in
which force was alternated between 8 pN to promote rapid VD1 binding,
and a high force to dissociate the VD1 from the VD1 binding α-helix. We
found that a single VD1 dissociation event, indicated by a ∼ 3 nm unfold-
ing step, occurred within 10 seconds after force was switched to ∼ 40 pN
(Fig. 4.9(A)), which was not observed for the L344P mutant (Fig. 4.9(B)).
To quantify the force-dependent off-rate of VD1 bound to αCM, we re-
peated such force-jump for many cycles on native αCM at a variety of forces.
The cumulative dissociation time distribution (the percentage of vinculin
dissociated at time t) at various high forces from three independent tethers
was obtained (Fig. 4.9(C)). At each force, the time window of observation
was chosen so that in more than 90% of the force-jump cycles vinculin dis-
sociation events were observed. The cumulative dissociation distributions
were fitted by an exponential decay function 1-exp(-tKoff), where the pa-
rameter Koff characterizes the rate of dissociation at force f. We found that
the logarithm of Koff(f) roughly linearly depended on force (Fig. 4.9(D)),
from which the off-rate at low forces could be estimated by linear extrap-
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Figure 4.8: Mechanical stretching activates VD1 binding to αCM. (A) Ex-
tension change of αCM in multiple stretch-relax force cycles in the presence
of 10 nM VD1. The VD1 solution was slowly introduced at a low force ( 1
pN) to avoid αCM unfolding by fluid-drag force. After the VD1 solution was
introduced, the αCM molecule was held at 2 pN for ten minutes in the VD1
solutions before being stretched for the first time. Data were smoothed
with 0.05-second time window. (B) In one out of four experiments after
introduction of 100 nM VD1 solution at 2 pN, spontaneous binding of VD1
occurred indicated by a stepwise unfolding event. For clarity, data are
smoothed using 0.5-second time interval.
olation. At < 10 pN, the extrapolated off-rate is < 10−5s−1. Such an
ultraslow dissociation rate of VD1 from exposed VD1 binding α-helix may
explain why the bound VD1 could inhibit refolding of αCM. Altogether,
these data indicated a strong stability of the vinculin/α-catenin complex
with a rapid formation and slow dissociation in the tension range 5 – 30
pN.
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Figure 4.9: High force displaces the bound VD1 from the vinculin binding
site in αCM. (A) Extension change of WT αCM during force jump between
∼ 8 pN and ∼ 40 pN in the presence of 100 nM VD1. (B) Extension change
of L344P αCM during the same force jump procedure. (C) The histogram
of lifetime of VD1 bound to αCM at different forces. Red curves are fittings
with exponential decay function from which the dissociation rates were
obtained. The number of events observed in each condition is denoted by
“n” in figure panel. The data were obtained from 3 individual tethers.
(D) The logarithm of the dissociation rate is roughly linearly dependent
on force. Red line denotes linear fitting of the log scaled force-dependent
off-rate. From the slope, the transition distance is estimated to be ∼ 1 nm,
and the dissociation rate at no force is estimated to be 9.3 x10−6 s−1 by
extrapolation based on the Bell’s model [110]. Y error bars denote 95%
confidence interval of off-rate estimation, X error bars denote the ∼ 5%
relative error of our force calibration method.
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4.2.3 The effect of full length vinculin on the samples
of talin and α-catenin
The experiments done so far were focused on the mechanical sensitivity of
talin rod and α-catenin, where the constitutively active VD1 domain is used
to assess whether talin and α-catenin were in a conformation that allow
vinculin binding. However, full length vinculin is reported to process an
inhibitory conformation, where its head and tail domains interact with nano
molar affinity to make its head domain inaccessible to the vinculin binding
domains of talin and α-catenin [102]. As vinculin needs to be activated to
bind talin and α-catenin. The auto-inhibited conformation of vinculin adds
another level of regulation to the mechanosensing process at cell adhesions.
However, the mechanistic pathway lead to vinculin activation at cell
adhesions has been highly debated within the field. Bakolitsa et al. pro-
posed that αE-catenin and talin VBD binding to vinculin can activate vin-
culin [61]; however, previous data showed that αE-catenin and talin rod
bound poorly to full-length vinculin in solution unless F-actin is present in
the solution [60,90,129,130]. These results suggested that αE-catenin or the
VBD domain alone were not sufficient to activate vinculin by direct interac-
tion with the vinculin head. On the other hand, surface plasmon resonance
studies of vinculin head binding to isolated talin VBS peptide reveal that
this interaction has a high affinity, with a dissociation constant Kd ∼ 2
nM [63,131] and our results demonstrated that VD1 bound to mechanically
exposed VBD in αCM under 5 - 30 pN forces with a nanoMolar dissociation
constant. This is significantly lower than the KD ∼ 50-90 nM determined
for the head-to-tail association of vinculin [63, 130]. Such a strong affin-
ity between VD1 and mechanically stretched αE -catenin suggests that it
may be able to compete off the vinculin head-to-tail association of auto-
inhibited vinculin. In vivo, such stably associated activated vinculin may
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then bind itself to other molecular partners of the junctional complex, such
as of F-actin, β-catenin [132] and PtdIns (4,5)P2 [61], further contributing
to the tension-dependent maintenance, strengthening and force-adaptation
of cell-cell junctions. As αE -catenin and the talin rod domain were not
placed under force in those experiments, no experiment are done so far
to address the possibility that αE-catenin and talin rod alone can directly
activate vinculin when they are placed under force.
Figure 4.10: Detecting the binding of full length vinculin to talin R1-R3
and αCM. (A) and (B) Repeated unfolding/refolding force cycles carried
out on a talin R1-R3 and αCM tether in the presence of 100 nM and 10 nM
full length vinculin. Red curve denotes the first pulling cycle after vinculin
was introduced. The black curves represent four consecutive subsequent
unfolding force cycles in both cases.
To test the mechanism of vinculin activation, as a proof-of-principle
study, we checked whether full length vinculin could bind to stretched talin
rod and α-catenin similar to VD1 Fig. 4.10. A talin R1-R3 molecule was
folded at low force and 100 nM full-length vinculin was slowly introduced
in to the buffer. Then repeated unfolding/refolding force-cycle experiments
were carried out similar to the experiment done using VD1 (Fig. 4.1). As
show in Fig. 4.10(A), after initial force cycle with all three unfolding steps
observed, progressively lower unfolding steps were found in subsequent force
cycles. Same experiment done using αCM also showed that presence of
full length vinculin in the solution inhibited the refolding of MI domain
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Fig. 4.10(B). This results suggest that stretched talin rod and α-catenin
alone may activate autoinhibited full length vinculin. Supporting this, force
jump experiments between 8 pN and 40 pN on αCM in the presence of 100
nM full length vinculin showed ∼ 3 nm unfolding steps at 40 pN similar to
the case of VD1. However, in the case of full length vinculin, the probability
of observing the vinculin dissociation steps at 40 pN significantly decreased
compared with VD1, implying that full length vinculin have slower on rate
than VD1 possibly due to the competition of vinculin tail for vinculin head
binding (Data not shown).
Figure 4.11: Dissociation of full length vinculin from the αCM at high
force. Force jump experiment similar to Fig. 4.9 was carried out in 100 nM
full length vinculin. In a force jump cycle, an αCM tether was held at∼ 8 pN
for 60s that allows vinculin binding, then the force was jumped to 40 pN for
20s to observe vinculin dissociation steps. The ∼ 3 nm vinculin dissociation
steps was observed when αCM was stretched at 40 pN, suggesting full length
vinculin could bind to αCM through a mechanism similar to VD1.
So far the preliminary data supports the model that talin rod or α-
catenin under mechanical stress can activate vinculin binding, establishing
a mechanical link between actin cytoskeleton and cell adhesions. Currently






Over the years, mechanical forces were increasingly linked to many aspects
of biological and disease processes [1]. Proteins that can transmit force and
convert mechanical signal into biochemical responses play critical roles in
these processes. However, although many candidate proteins were identi-
fied to be potential mechanosensors, direct experimental evidences to sup-
port these hypotheses are lacking in many cases and the molecular mech-
anisms of their mechanosensing process remain poorly understood [12].
This thesis work is devoted to quantitatively characterize the mechanosen-
sitivity of two important mechanosenors, talin and α-catenin at the cell-
matrix and cell-cell adhesions. Here we take advantage of the advancement
of magnetic tweezers technology to define, for the first time, the precise
mechanisms by which the compact N-terminal region of the talin rod (do-
mains R1-R3) as well as the central domain of α-catenin interacts with
vinculin in a force dependent manner.
We showed that the two protein domains can reversibly unfold at phys-
iological relevant forces > 5 pN, comparable to the force that can be gen-
erated by local myosin contractions [119]. This result confirms previous
in vivo work that the conformation of these mechanosensing proteins can
be tuned inside of the cells by cellular forces [37, 70]. The similar force
ranges for the initial mechanical activation of the two proteins imply that
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the two protein sense an conserved mechanical signal at the early phases
to adhesion formation.
We identified the talin rod unfolding step observed at low force, ∼5
pN, with a step size of 18 nm, as pertaining to the R3 rod domain since
mutating the destabilizing “threonine belt”, a unique feature of R3, via
an IVVI substitution [68] shifts the initial unfolding step. This is the first
time that the R3 domain has been identified as the initial mechano-sensor
in talin, and provides unique insight into adhesion regulation. We also
tested the mechanical properties of other talin domains, including talin R7-
R9, and talin R9-R12. Most of these domains consist of five-helix bundles
and have unfolding force > 10 pN at the loading rate of 5 pN/s. This
suggests that at the onset of focal complex formation, these domains may
act as force transducers, only to be activated later for vinculin binding
when more actomyosin contractile apparatus is recruited [68]. Consistent
with this, our results indicate that a differential force response of talin R1-
R3 determines the level of vinculin binding in a force dependent manner.
We showed that the R1-R3 displays three major unfolding steps, occurring
at different forces in the range of 5 – 25 pN, and corresponding to the three
domains unfolding. All three unfolding events expose VBS buried in each
of the talin rod domains. There are 11 vinculin binding sites in the talin
rod, and only three of the vinculin binding sites are exposed when no force
is applied [133].
Similarly, we showed that αCM also displays three major unfolding steps,
occurring at different forces in the range of 5 – 20 pN under a physiolog-
ically loading rate of 4 pN s-1. The MI/VBD domain of α-catenin, which
contains the VD1 binding site made of a single α-helix, as the weakest do-
main that unfolded at ∼ 5 pN. This unfolding step was lost when a single
point mutation (L344P) is introduced in the α-helix [90], as well as when
VD1 is bound to αCM. The ∼ 5 pN unfolding and folding transitions are
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nearly at equilibrium within the loading rates tested in the experiments.
These transitions involved a step size of ∼ 16 nm with a critical force of ∼
4.7 pN at which folding and unfolding are balanced. This transition cannot
be explained by the disruption of the inter-domain interactions alone; oth-
erwise much smaller transition steps would be expected as each subdomain
has a dimension of only ∼ 3 nm in the folded state. Considering that VD1
binding occurred at this force range, we reason that the unbundled α-helices
in the MI domain at ∼ 5 pN likely assumed a conformation as a chain of
extended α-helices rather than a randomly coiled peptide chain. The two
larger force-unfolding events of αCM are unrelated to binding of VD1, and
are attributed to the unfolding of the sub-domains MII and MIII also consti-
tuted of helix bundles but not predicted to contain vinculin-binding sites.
Structural data suggest that in the folded state, MI/VBD interacts with
both MII and MIII [134]; therefore this interaction may stabilize VBD in
its closed conformation, as well as contributing to the stabilization of the
MI - MIII subdomains. Our results are consistent with a hypothesis that
the interaction of the three sub-domains contribute to the stabilization of
α-catenin under its close conformation while a moderate 5 pN stretching
force disrupt this inter-domain interaction resulting in exposing the vin-
culin binding site in the MI/VBD domain [37].
We demonstrated and characterized in details the kinetics of the force-
dependent binding of the VD1 to αCM. Our results revealed that a char-
acteristic force response of αCM controlled the level of VD1 binding. αCM
unfolding at ∼ 5 pN was sufficient to trigger VD1 binding at a nanoMo-
lar concentration, which prevented refolding of αCM VBD even after force
was released. This binding was observed in the presence of VD1 at con-
centrations as low as 1 nM and was maximum in the presence of 10 nM
VD1, implying a strong affinity of VD1 to αCM VBD triggered by > 5 pN
force. Overall, the effect of VD1 binding to the vinculin binding α-helix in
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αCM on the characteristic force response of αCM is similar to the leucine
to proline mutation at the residue 344 of αCM, both abolishing the ∼ 5
pN unfolding/refolding transitions. These results are also consistent with
our observation that VD1 did not bind to L344P αCM in in-vitro pull down
assays.
To estimate the increase in the binding affinity of VD1 to αCM by force
we used results from published isothermal titration calorimetry (ITC) stud-
ies, which indicate a KD of 82 ± 19 nM for αCM binding to VD1 at zero
force and 50-90 nM for talin VBS [61,63]. Based on these calculations, and
considering that the apparent VD1 binding to mechanically stretched αCM
at ∼ 5 pN was observed at ∼ 1 nM VD1 and maximum at ∼ 10 nM VD1, we
estimated that a force of several pN increased the binding affinity of VD1 to
αCM by about 100 folds, which may be sufficient to activate auto-inhibited
vinculin by competing off its head-to-tail association [63]. Our preliminary
data on full length vinculin also supported this idea.
The results on the interactions between talin rod/ α-catenin and VD1
showed an interesting similarity on the mechanisms of mechanosensitivity.
VD1 binding to both talin R1-R3 domain and α-catenin is biphasically de-
pendent on force. In the small force range (< 5 pN) where talin R1-R3
and αCM existed as natively folded, auto-inhibitory helical bundles, and in
the high force range (> 30 pN) where the VD1 binding site was converted
from its α-helix conformation to an extended random coiled peptide chain,
binding of VD1 was strongly inhibited. Between 5 and 30 pN, binding of
VD1 was significantly promoted. As 5 pN is close to the force that can be
exerted by a single myosin motor [119], the low force regime is likely in-
volved during early adhesion formation with low myosin activity. The high
force VD1 dissociation is also physiologically relevant, as a 30 pN force can
be produced by several cooperative myosins or external forces exerted on
cells. Locking α-catenin and talin rod in a partially unfolded conformation
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may regulate cellular adhesion strengthening in a force-dependent man-
ner. Similarly, high forces achieved upon mobilization of multiple myosin
molecules pulling on a single αE-catenin or integrin molecule via F-actin
may eventually release vinculin at > 30 pN and then lead to the disruption
of the mechanosensitive link [135,136]. For α-catenin, this may explain the
disruption of cadherin adhesions observed upon increased cell contraction
obtained by increasing RhoA activity [137]. and recent in vivo observation
that overexpression of VD1 leads to stable elongation of full-length talin
near focal adhesion sites of cells [70]. The stable association between VD1
and talin VBS helices may provide a signaling mechanism that is robust to
force fluctuation.
Based on these results obtained for talin R1-R3 and αCM, we proposed
a conserved mechanism model for their mechanosensitivity.
The model for talin rod is shown in Fig. 5.1. Only when the talin starts
to engage the β-integrin tail and acidic membrane phospholipids via its
N-terminal head domain [66, 67] and captures the retrograde flow of actin
filaments at the leading edge via its C-terminal actin binding site [138,139],
will the talin rod experience the tension required to expose its vinculin
binding sites (Fig. 5.1). Prior to engagement at the membrane, the talin
molecule will experience only very small (< 5 pN) forces, and as such,
no vinculin binding sites are exposed. At a force of just ∼ 5 pN, the
force of a single actomyosin contraction, the R3 rod domain will start to
unfold, exposing its two VBS, and vinculin can then bind and cross-link
talin to actin such that greater forces can be applied. As the force increases,
additional vinculin binding sites become exposed increasing the number
of vinculin molecules bound to talin, further strengthening its connection
to actin. Vinculin also prevents talin refolding which serves as a ratchet
possibly preventing inadvertent talin refolding at adhesion onset.
R3 unfolding also has implications for the interaction of talin with the
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Rap1 effector RIAM, which translocates talin to the membrane [140–142]
in an autoinhibited conformation [101, 143, 144]. At the membrane talin
unfolds, possibly via interaction with PIP2 [144] to reveal the active form
of talin which then binds and activates integrins. Interestingly, RIAM
binds synergistically and with high affinity to the folded R2R3 talin rod
domains [68], and here we show that a relatively low force, just 5 pN, is
sufficient to unfold the R3 domain which would be predicted to destroy the
high affinity RIAM binding site whilst simultaneously exposing the initial
high affinity vinculin binding sites in R3. Our data suggests that at < 5
pN of force, RIAM binding to talin R2R3 would predominate, supporting
integrin activation and the assembly of nascent adhesions, but at around
∼5 pN there is a transition to vinculin:talin complexes which drives the
maturation of nascent adhesions into focal adhesions. This requirement for
force to reveal the vinculin binding sites prevents talin, via its interaction
with vinculin, crosslinking to actin randomly in the cell; i.e. force is only
exerted on talin when it is engaged with both the integrin and actin which
serves as an important checkpoint. Successful adhesion formation requires
the clustering of adhesion proteins and it is tempting to speculate that the
biphasic force dependence of vinculin binding to talin may serve as a safety
mechanism to ensure this; a single talin molecule in isolation will rapidly
experience the high forces where vinculin is displaced, however, if other
talin molecules (coupled to other integrin and FA proteins) get recruited
the high forces will be distributed such that this 25 pN threshold is not
crossed by any single talin molecule and the adhesion can develop. Hence
the biphasic nature of vinculin binding to talin may have potential to serve
as a positive reinforcement of clustering.
The model for α-catenin is shown in Fig. 5.2. Our data provide molec-
ular evidences in strong support of α-catenin as being the force-dependent
molecular switch acting at cell-cell junctions to recruit vinculin, consistent
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Figure 5.1: Force plays a key role in driving the formation of FA. 0-5 pN:
RIAM recruits autoinhibited talin to the plasma membrane in a Rap1.GTP
dependent manner via synergistic binding of RIAM to the R2-R3 domains
of talin. At the membrane talin autoinhibition is relieved by interactions
with acidic membrane phospholipids. Talin can then activate integrins. ∼5
pN: Only when talin has engaged the integrins and also captured the retro-
grade flow of actin is force exerted on talin. At ∼5 pN, the force of a single
actomyosin contraction, the R3 domain is destabilized and this reduces
RIAM binding whilst exposing the high affinity VBS which then bind vin-
culin strengthening the adhesion. > 5 pN: With more vinculin cross-linking
the adhesion can withstand greater force exposing further VBS. > 25 pN:
At sufficiently high forces vinculin is displaced, resulting in unfolding of
the VBS to a random coil.
with reported tension-dependent growth and adaptation of these junctions
[54, 86, 145, 146]. To our knowledge, this work provides the first molecular
demonstration of a tension-dependent conformational switch for a cadherin-
associated protein. It provides a molecular mechanism explaining the local
mechanosensitivity of cell-cell junctions, based on tension-dependent un-
furling of α-catenin and recruitment of vinculin, a pathway that has been
overwhelmingly hypothesized but surprisingly never proven so far. Further
studies will be needed to determine if the pathway is unique at cell-cell
junctions or cooperate with similarly operating molecular mechanosensors
and/or with more globally distributed mechano-adaptation of the acto-
myosin cytoskeleton [8]. This work indicates that tension-dependent un-
furling of mechanosensitive proteins and recruitment of actin binding adap-
tor proteins to adhesion plaques is a central mode of mechanotransduction
at adhesion sites. Further dissection of cell-context modulation of this
pathway has broad implications for the understanding of cell adaptation to
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cell-ECM and cell-cell transduced mechanical load, an important factor of
tissue reshaping, tumor progression, and collective cell migration.
Figure 5.2: Schematics of biphasic dependence of VD1 binding to α-catenin
on force. At low force (< 5 pN), α-catenin exists under an auto-inhibited
helix bundle conformation that prevents VD1 binding. At high force (> 30
pN), VD1 binding is also inhibited because the α-helix conformation of the
vinculin binding site bound with VD1 is unstable. In the intermediate force
range (5-30 pN), the auto-inhibited conformation of α-catenin is released,
and the vinculin binding site is exposed for VD1 binding.
The force-dependent process centered on α-catenin and talin we unrav-
eled here may further cooperate with the binding of other α-catenin partners
to regulate the strength of the cytoskeleton linkage to cell-cell junctions. A
∼ 5 pN force deforms the modulation domain of α-catenin and initializes
binding of VD1. The resulting lockage of α -catenin in a partially unfolded
conformation may have a downstream impact on interactions between α-
catenin and other junctional and cytoskeleton proteins, such as α-catenin
itself, afadin, ZO-1, α-actinin and F-actin. However, further understanding
of these processes will require precise structural and biochemical data on
these complexes that are lacking so far. Up to date, a complete structural
description of αE-catenin under both its closed and open conformations is
still lacking.
It is postulated that the robust functions of cells are carried out by
modular subsets consisted with finite group of molecules termed as ”func-
tional modules”. Individual functional modules represent evolutionarily
constraint design principles that can be reused in different circumstances
in cells [147]. The tissue and cellular level mechanosensing could be con-
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sidered as emergent properties of related functional modules responding to
mechanical forces in individual cells. For example, cells seems to have deli-
cate sarcomere like apparatus that could deform their substrates and sense
the mechanical rigidity of the environment [12,13]. These functional mod-
ules could be reused by cells in different circumstances for distinct purposes.
Thus it is very important to understand the underline molecular mechanism
and regulation of these functional modules, as they may provide general
principles of performing defined molecular functions. The mechanosens-
ing mechanism revealed in this work could be a common feature of other
mechanosensitive adhesion proteins that couple to actin. There are many
proteins that bind to cytoskeletons upon stretch [47], and it is likely that
many rely upon exposure of buried binding sites. It is possible that the ∼5
pN low force threshold for talin and α-catenin is a common feature of other
mechanosensitive adhesion proteins that couple to actin.
The methods developed in this thesis work opened up possibilities to
study force-dependent protein-protein interactions. The stability of the
magnetic tweezers allows testing the effect of many conditions on a single
protein molecule, this greatly eliminates uncertainties originated from bulk
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